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A B S T R A C T

Plant oils are found in a wide range of consumer products. However, concerns have been raised regarding the 
environmental impact of their production. This study explores a sustainable alternative by investigating how 
cultivation parameters influence the fatty acid composition of microbial triglycerides in Ustilago maydis. Batch 
cultivations were performed with varying carbon sources, oxygen availability, pH, organic acid addition, and 
nutrient limitations to assess their impact. Different carbon sources had a modest influence, while nutrient 
limitations significantly altered the fatty acid composition. Lower oxygen supplies reduced unsaturation and 
increased chain length. Moreover, a neutral pH favored longer chains, while a basic pH increased unsaturation. 
The addition of citric acid significantly boosted palmitic acid content by 36 %. These findings demonstrate the 
versatility of microbial triglyceride production and provide insights into tailoring fatty acid profiles for specific 
applications, to provide a well-suited sustainable alternative to common plant oils.

1. Background

Vegetable oils are utilized in a multitude of consumer products, 
ranging from food items to cosmetics and cleaning products (Gunstone, 
2011). However, their widespread use has become a topic of concern 
due to the environmental impact associated with their production. The 
expansion of plantations for oil crops like palm and soy often results in 
deforestation, particularly in rainforests, which contributes to habitat 
destruction and the loss of biodiversity (Carlson and Garrett, 2018). 
Such deforestation is not only detrimental to the environment but also to 
indigenous species and communities. Furthermore, the extensive 
transportation distances contribute to an elevated carbon footprint, 
giving rise to additional environmental concerns (Carlson and Garrett, 
2018; Uusitalo et al., 2014).

Despite the diverse sources of vegetable oils, including palm, coco
nut, soybean, and sunflower, they all share a similar chemical structure. 
At their core, vegetable oils consist of triglycerides, which consist of 

glycerol and three fatty acids. The specific composition of fatty acids 
varies among different oils, influencing their physical properties and 
applications. However, this fundamental structure remains consistent 
across all plant oils, highlighting their interchangeable nature in various 
industrial applications (Gunstone, 2011; Krist, 2013).

Microbial oils are emerging as a highly promising alternative to 
traditional plant-based oils, offering significant advantages in terms of 
sustainability (Patel et al., 2020). In addition to requiring significantly 
less land and water, microbial oil production can be strategically 
localized, as fermentation facilities can be constructed directly at sites 
where triglycerides are needed. This has the dual benefit of reducing 
transportation costs and environmental impacts. Furthermore, micro
bial oils possess the potential for customizable fatty acid compositions, 
rendering them suitable for a multitude of applications (Athenaki et al., 
2018; Ratledge, 2004). These include the imitation of prevalent oils such 
as palm and soybean, as well as the substitution of costly plant oils, 
including olive and coconut oil, in high-end products.
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The most commonly utilized microorganisms for microbial oil pro
duction include Mortierella isabellina, Yarrowia lipolytica, and Rhodotor
ula toruloides (Athenaki et al., 2018; Patel et al., 2020), but numerous 
other oil-producing microorganisms have been identified (Athenaki 
et al., 2018). Modifications to their fatty acid profiles are frequently 
achieved through genetic modifications (Beopoulos et al., 2009; Howard 
G. Damude et al., 2009). However, some studies indicate that the fatty 
acid composition of the microbial oil produced in Y. lipolytica can be 
adjusted not only by genetic engineering but also by altering cultivation 
conditions (Ratledge, 2004).

A newly discovered oleaginous organism is Ustilago maydis, which 
has demonstrated particular potential for triglyceride production, as 
comparable oil yields to those of established Y. lipolytica strains have 
been observed (Aguilar et al., 2017; Richter et al., 2024). The objective 
of this study is to investigate whether altering the cultivation conditions 
can be used to tailor the fatty acid profile of the triglyceride produced by 
U. maydis. By examining how these parameters influence the fatty acid 
composition, this study contributes to targeted industrial microbial oil 
production. This approach offers two significant advantages. First, mi
crobial oils can be tailored to mimic different plant oils or to generate 
novel triglyceride mixtures. Second, this can be achieved with remark
able speed simply by adjusting cultivation parameters, providing a more 
flexible alternative to genetically engineering one strain to achieve one 
specific fatty acid profile. This adaptability opens new possibilities for 
optimizing microbial triglyceride production for various applications. 
The ability to fine-tune triglyceride compositions to meet specific needs 
could provide a sustainable alternative to plant-based oils while 
reducing environmental impact. Further advances in cultivation strate
gies and metabolic engineering could increase production efficiency and 
broaden the scope of industrial applications.

2. Material and methods

2.1. Microorganism

The organism cultivated in the experiments was U. maydis 
MB215Δcyp1Δemt1, deposited at DSM17147 as MB215cyp1emt1 
(Hewald et al., 2005) and obtained from Philipps University of Marburg, 
Marburg, Germany. The strain U. maydis MB215Δcyp1Δemt1 was 
genetically modified to eliminate both the synthesis of ustilagic acid and 
mannosylerythritol lipids by deletion of the genes cyp1 and emt1 
encoding the enzymes for central catalytic steps in the two glycolipid 
biosynthesis pathways. These genetic modifications have minimized the 
formation of byproducts and resulted in a substantial intracellular 
accumulation of triglycerides. Its yeast-like growth characteristics 
enable straightforward cultivation, and lipid biosynthesis can be 
induced via the limitation of nitrogen, phosphorus, or sulfur availability. 
The organism was stored in a 9 g•L− 1 sodium chloride solution with a 
glycerol concentration of 200 g•L− 1 at − 80 ◦C.

2.2. Media composition

A modified version of the Verduyn mineral medium (Verduyn et al., 
1992) was used for all cultivations, if not stated otherwise, with the 
following composition: 100 g•L− 1 glucose, 1.6 g•L− 1 (NH4)2SO4, 0.5 
g•L− 1 KH2PO4, 0.2 g•L− 1 MgSO4 • 7H2O, 0.01 g•L− 1 FeCl3 • 6H2O and 
1 mL•L− 1 trace element solution, which contained: 15 g•L− 1 EDTA, 3 
g•L− 1 FeSO4⋅ 7H2O, 0.84 g•L− 1 MnCl2 ⋅ 2H2O, 4.5 g•L− 1 ZnSO4 ⋅ 7H2O, 
0.3 g•L− 1 CuSO4 ⋅ 5H2O, 0.3 g•L− 1 CoCl2 ⋅ 6H2O, 0.4 g•L− 1 Na2MoO4 ⋅ 
2H2O, 4.5 g•L− 1 CaCl2⋅ 2H2O, 1 g•L− 1 H3BO3 and 0.1 g•L− 1 KI. For the 
experiments with carbon sources other than glucose, glucose was 
substituted with 100 g•L− 1 glucose equivalents of sucrose, fructose, 
xylose, arabinose, and galactose, normalized with the molar amount of 
carbon atoms. Nitrogen limitation was employed as a trigger for oil 
production in all cultivations except for the ones specified below. In the 
phosphorus-limited cultivation, the concentration of the following 

media components in the Verduyn medium was adjusted: 2.5 g•L− 1 

(NH4)2SO4, 0.13 g•L− 1 KH2PO4, and additionally 0.3 g•L− 1 K2SO4 were 
added. In the sulfur-limited cultivation, the concentration of the 
following media components in the Verduyn medium was adjusted: 0 
g•L− 1 (NH4)2SO4, 0.04 g•L− 1 MgSO4, and additionally 2 g•L− 1 NH4Cl. 
Due to strong acidification of the culture while producing triglycerides, 
the medium in the cultivations with shake flasks was buffered with 0.4 
M 2-(N-morpholino)-ethane sulfonic acid (MES) buffer, which was 
adjusted with 5 M NaOH to a starting pH value of 6.5. In the experiments 
with other pH values the MES buffer was replaced. For the cultivations 
at pH 7 and 8 0.4 M 3-(N-morpholino)propanesulfonic acid (MOPS) 
buffer and at pH 9 and 10 0.2 M carbonate buffer was used. For culti
vation at pH 5.5, a stirred tank bioreactor was controlled to the desired 
pH with 5 M NaOH. All media components were sterilized by filtration 
with a 0.2 μm cut-off filter and supplemented directly before cultivation. 
A modified media composition was utilized for the precultures, with the 
carbon source concentration adjusted to 20 g•L− 1 glucose and the 
(NH4)2SO4 concentration adjusted to 5 g•L− 1.

2.3. Cultivation conditions

The cultivations in shake flask scale were performed in an in-house 
built Respiratory Activity Monitoring System (RAMOS). Detailed infor
mation about the setup and technology can be found in (Anderlei et al., 
2004; Anderlei and Büchs, 2001). A commercial version of the RAMOS 
device is available from HiTec Zang GmbH (Herzogenrath, Germany) or 
Adolf Kühner AG (Birsfelden, Switzerland). The cultivation process was 
performed in 250 mL RAMOS shake flasks, which were filled with 20 mL 
of media and inoculated from a preculture with an initial optical density 
at 600 nm of 0.1. Prior to inoculation, the preculture was washed with 9 
g•L− 1 sodium chloride solution, to prevent the transfer of media com
ponents into the main cultivation. The cultivation was performed in a 
temperature-controlled shaker (Kuhner Shaker GmbH, Herzogenrath, 
Germany) at 30 ◦C. To ensure an adequate oxygen supply, the shake 
flasks were shaken at 350 rpm, with a shaking diameter of 50 mm. The 
precultures were subjected to the same cultivation conditions, with the 
exception of the inoculation method. The inoculation was performed 
using an initial optical density of 0.1, derived from a cryo-culture.

The cultivations in benchtop fermenter scale were performed in a 2 L 
New Brunswick BioFlo®/CelliGen® benchtop stirred tank bioreactor 
(Eppendorf SE, Hamburg, Germany). The temperature was maintained 
at 30 ◦C, and dissolved oxygen tension (DOT) was monitored with a 
VisiFerm™ DO 225 pO2 sensor (Hamilton Bonaduz AG, Bonaduz, 
Switzerland). Oxygen and carbon dioxide concentrations, necessary for 
calculating the oxygen transfer rate (OTR), carbon dioxide transfer rate 
(CTR), and respiratory quotient (RQ), were determined using a Rose
mount X-Stream NGA 2000 exhaust gas analyzer (Emerson Electric Co., 
St. Louis, USA). The bioreactor was equipped with one six-bladed 
Rushton turbine, 51 mm in diameter, along with four baffles. The pH 
was continuously monitored using an EasyFerm Plus K8 200 pH sensor 
(Hamilton Bonaduz AG, Bonaduz, Switzerland). Cultivation and oil 
production were carried out in batch mode, analogous to the shake flask 
experiment, with the same adapted, but unbuffered Verduyn mineral 
medium.

2.4. Parameter investigation by decoupling growth from triglyceride 
production

To isolate the effect of varying cultivation conditions on the organ
isms' growth, different strategies were used, depending on the modified 
cultivation parameter. An easy-to-implement strategy was employed to 
evaluate the influence of oxygen availability and organic acid supple
mentation. For both tested parameters, cultures were grown under 
standard conditions during the exponential growth phase of the culture. 
After depletion of the nitrogen source, the corresponding parameter was 
modified so that it coincided with the entire triglyceride production 
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phase. In accordance, acetic acid and citric acid were supplemented in a 
concentration of 10 and 38.4 g•L− 1 (0.2 M) respectively, following the 
onset of nitrogen limitation.

To adjust the oxygen availability for evaluation, the wells of a mi
crotiter plate were filled with varying volumes of culture broth. The 
maximum oxygen transfer capacity (OTRmax) is dependent on the filling 
volume of the microtiter plate well, allowing for the establishment of 
different OTRmax levels through the variation of the filling volumes. This 
dependency was described by Lattermann in 2014 in the following 
Equation (Lattermann et al., 2014): 

OTRmax = 2.5 • 10− 7 • Peri6 • n2.37 • V− 0.64
L +3.3 • 10− 4 (1) 

Eq. (1) specifies the maximum oxygen transfer capacity in 48-well 
microtiter plates at in-phase operating conditions. It quantifies the de
pendency of the OTRmax and the perimeter of the wells (Peri), the 
shaking frequency (n), and the filling volume of the well VL. Using this 
equation, the shaking frequency in the exponential growth phase was 
selected at 1000 rpm to ensure that the OTRmax of the system with the 
highest filling volume (2 mL) could enable unlimited growth until ni
trogen depletion. Once the nitrogen source was depleted, the shaking 
frequency was decreased to 525 rpm, allowing for the establishment of 
distinct OTRmax levels in the cultivations, according to the varied filling 
volumes. This procedure enabled the testing of different oxygen avail
abilities within a single experiment.

A similar approach was employed to investigate the impact of pH and 
low osmolality on triglyceride formation. However, given the limita
tions of pH control at the flask scale, which necessitates the use of a 
buffer, the method for separating the growth and product formation 
phases was adapted to accommodate these constraints. Consequently, a 
resting cell assay (RCA) (Klein, 1955) was conducted for the triglyceride 
production phase during the pH value experiments in the shake flask. 
For this purpose, the cultivations were conducted under identical con
ditions (pH 6.5), until the nitrogen source was depleted. The cultures 
were then harvested, washed, and transferred to a medium lacking a 
nitrogen source, which had an appropriately adjusted pH value with a 
buffer, and cultivated further. In the absence of a nitrogen source, tri
glyceride production was initiated immediately after the transfer of the 
cells at the corresponding pH value of the used buffer. To validate the 
tested pH values (pH 6.5, 7, 8, 9, and 10) in the shake flask, two pH 
values were tested in a bioreactor (pH 5.5 and 6.5). As the bioreactor 
allows for more flexible pH control, the experiments at pH 6.5 allowed 
an evaluation of the RCA in the shake flask. Accordingly, the exponential 
growth phase was conducted at pH 6.5, and following the depletion of 
nitrogen, the pH set point of the bioreactor's pH control was adjusted to 
the respective pH values (pH 5.5 and 6.5). The cultivations were 
monitored using the RAMOS device and the off-gas analysis of the 
bioreactor.

2.5. Offline analysis

The quantification of the carbon sources was carried out via high- 
performance liquid chromatography (HPLC). HPLC measurements 
were performed in the Prominence HPLC system (Shimadzu, Duisburg, 
Germany). The HPLC system was equipped with the following columns 
and detectors: a pre-column (40 × 8 mm) containing organic acid resin, 
purchased from CS-Chromatography Service (Langerwehe, Germany), 
and a column (250 × 8 mm) also containing organic acid resin from CS- 
Chromatography Services (Langerwehe, Germany). A refractive index 
detector model RID-20 A, manufactured by Shimadzu (Duisburg, Ger
many), was also utilized. The mobile phase consisted of 5 mM H2SO4. 
The flow rate was regulated to 0.8 mL•min− 1 at 35 ◦C, and an injection 
volume of 20 μL was used. For the purpose of HPLC sample preparation, 
the cultivation broth was first centrifuged at 14,000 rpm for 10 min and 
then filtered through a 0.2 μm cut-off filter.

Dry cell weight (DCW) was measured by transferring 1 mL of 

fermentation broth into a pre-weighed reaction tube, centrifuging for 10 
min at 14,000 rpm to separate the biomass, decanting the supernatant, 
and drying the pellet at 80 ◦C. The tube was then cooled in a desiccator 
and re-weighed, with the weight difference representing the DCW.

For the quantification of triglycerides, 2.4 mL of the culture broth 
was sonicated with the Fisherbrand™ Model 120 Sonic Dismembrator 
equipped with a 1/8″ Microtip (Fisher Scientific, Schwerte, Germany) to 
disrupt the cells. Subsequently, 2 mL of this crude cell extract was uti
lized in an extraction process according to a modified protocol of 
Matyash et al. (2008), which involved the use of 5 mL of methyl-tert- 
butyl ether (MTBE) and 1.5 mL of methanol (Matyash et al., 2008). 
Following phase separation by centrifugation (10 min at 14,000 rpm), 
the solvent phase was collected in dried, weighed glass vials and evap
orated at room temperature. After the evaporation process, the glass 
vials were re-weighed.

2.6. Determination of fatty acid distribution by GC-FID

The following solvents and standards were used for the determina
tion of fatty acid distribution by GC-FID: LC-grade MTBE and FAME37 
standard were purchased from Merck KGaA (Darmstadt, Germany). The 
derivatization agent trimethylsulfonium hydroxide (TMSH) (0.2 
mol•L− 1 in methanol) was obtained from Macherey-Nagel (Düren, 
Germany). Heptadecanoic acid was purchased from Biozol (Eching, 
Germany).

For sample preparation, the dried samples were weighed and sub
sequently dissolved in MTBE to achieve a concentration of 33.3 
mg•mL− 1. From these solutions, 30 μL was diluted with 60 μL of MTBE. 
An internal standard was prepared by adding 10 μL of a 1 mg•mL− 1 

heptadecanoic acid solution. The transesterification process was initi
ated by the addition of a 100 μL TMSH solution, resulting in the for
mation of fatty acid methyl esters (FAME). This methodology was 
employed for all the results presented in this study and the solutions 
were contiguously used for GC analysis. The samples were analyzed 
using a GC-2010 gas chromatograph system equipped with an AOC-20i 
autosampler (both Shimadzu Corp, Kyoto, Japan). The separation of 
FAMEs was conducted on a polar FAMEWAX column (Restek GmbH, 
Pennsylvania, USA) with crossbond polyethylene glycol as stationary 
phase (30 m, 0.25 mm, 0.25 μm). The GC-flow was operated at a con
stant linear velocity of 45.0 cm⋅s− 1 with hydrogen 5.0 as carrier gas 
(Westfalengas, Münster, Germany). Samples (1 μL) were injected in 
split-mode (split ratio 1:20) at a temperature of 250 ◦C. A linear gradient 
was employed for the column oven: commencing at 100 ◦C increasing by 
4 ◦C•min− 1 to 240 ◦C which was maintained for 5 min. Before each 
measurement, an equilibration time of 1 min was applied. Chromato
grams were obtained by flame ionization detection (FID) with a detector 
temperature of 250 ◦C and a sampling rate of 100 ms. Data acquisition 
was performed using LabSolutions version 5.110 (Shimadzu Corp, 
Kyoto, Japan). For further data processing and interpretation Microsoft 
Office LTSC Professional Plus 2021 was used (Microsoft Corp, Redmond, 
USA). To compare retention times and thereby determine the fatty acid 
compositions of the samples, a FAME37 standard was measured before 
and after each sample batch. The standard was therefore diluted 1:10 
with MTBE and used for measurements.

For every analyzed chain length, the response factor of the FID de
tector was calculated. The response of FID detection for fatty acids is 
dependent on their respective chain length and degree of unsaturation. 
In this study, we present the distribution of 36 fatty acid species, which 
necessitates the consideration of a variable detector response. Thus, the 
response factors for all 36 species were determined utilizing the FAME37 
standard. Therefore, the non-diluted FAME37 standard was measured 
12 times with a split-ratio of 1:50. Peaks were integrated, resulting areas 
averaged and referred to the area of stearic acid (C18:0) within the 
FAME37 standard. The response factor was calculated according to Eq. 
(2): 
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Rf =
A⋅Wc18:0

AC18:0⋅W
(2) 

With Rf = Response factor, A = Peak area [pA ⋅ s], W = Particular 
FAME weight % in FAME37 standard.

3. Results and discussion

The cultivations described in this publication were carried out 
identically to the reference process, except for the adjusted parameters. 
Then the cultivation with these adjusted parameters is compared to the 
reference process. An outline of the reference process can be found in the 
subsequent section.

3.1. Influence of the cultivation time on the fatty acid composition

The data of the reference process, measured both online and offline, 
is illustrated in Fig. 1. This reference data serves as the foundation for 
comparing the tested parameters of this study. Furthermore, the influ
ence of cultivation time on the fatty acid composition was investigated 
using this reference process. For this purpose, samples were analyzed for 
their fatty acid composition at 24-h intervals. This temporal aspect could 
play a significant role in the variation of fatty acid composition.

The metabolic behavior of the organism during the experiment can 
be followed via its respiratory activity. This is demonstrated in Fig. 1A in 
the form of the oxygen transfer rate (OTR), carbon dioxide transfer rate 
(CTR), and respiration quotient (RQ). In the first phase of the process, 
U. maydis grows exponentially until the secondary substrate nitrogen is 
depleted at 20 h (indicated by the vertical dashed line). The depletion of 
nutrients in this instance has been shown to be a necessary condition for 
the accumulation of triglycerides, as the reduced growth leads to the 
conversion of excess carbon sources into triglycerides for energy storage. 
As a result, after 20 h, the growth ceases. This is followed by a short 
transition phase (Klement et al., 2012), which is visible in the OTR as a 
plateau formation, and the start of triglyceride production. During the 
triglyceride production, which lasts approximately 130 h, the activity of 
the culture exhibits a gradual decline, visible in the OTR (indicated by 
the second vertical dashed line). The triglyceride concentration (Fig. 1B) 
initially rises steeply at the beginning of the production phase and then 
approaches a maximum value determined by the biomass concentration 
until the end. The RQ is above 1 for the whole production phase indi
cating the production of a reduced product, in this case, triglycerides. 
Upon the exhaustion of the carbon source, the activity and, conse
quently, the OTR drops slightly, marking the onset of a metabolic 
turnover, as evidenced by the RQ falling under 1. At this time point, the 

Fig. 1. Cultivation data of the triglyceride production of U. maydis MB215Δcyp1Δemt1 with a sampling interval of 24 h. The respiratory activity of the cultivation, in 
the form of OTR, CTR, and RQ is presented in panel A. Cultivations were conducted in duplicate, with the average values represented as a line and the min/max 
values illustrated as error shadows. For clarity, every fifth measuring point is indicated by a symbol. The phases of the cultivation are indicated via vertical dashed 
lines. In panel B offline analytics are presented. Cultivation conditions: 250 mL shake flasks; VL = 20 mL; n = 350 rpm; d0 = 50 mm; modified Verduyn medium; 
nitrogen-limited; Ccarbon source = 100 g•L− 1 glucose; pH = 6.5.
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cultivation process should be stopped to achieve the highest triglyceride 
concentration.

The offline analysis of the samples taken is depicted in Fig. 1B. To 
monitor the biomass concentration DCW was measured. In this data set 
one problem of oil producing organisms becomes clear. Biomass mea
surements like DCW are influenced by intracellular triglyceride accu
mulation. Without sufficient nitrogen supply, the growth of U. maydis 
stops after about 20 h of cultivation time, indicated for example by the 
abrupt plateau formation in the OTR (Fig. 1A). The observable increase 
in DCW after the nitrogen depletion results from the intracellular 
accumulation of triglycerides, resulting in higher DCWs. The pH value 
decreased to a value of 5.2 after 72 h and remained constant throughout 
the remaining cultivation time. This is mainly caused by the production 
of organic acids like malic acid or itaconic acid (data not shown).

The resulting triglyceride production in this reference cultivation 
follows a saturation curve and achieves a concentration of approxi
mately 20 g•L− 1. This final concentration is also comparable with 
already published values of 18–20 g•L− 1 with U. maydis (Richter et al., 
2024). The productivity of the culture is highest after nitrogen limitation 
at 20 h and then slowly decreases. The extracted triglyceride samples 
were analyzed by GC-FID to determine their fatty acid composition. The 
proportions of the different fatty acids in the produced triglyceride 
mixture are shown in Fig. 2.

Fig. 2 shows the different sample times and the respective fatty acid 
composition as percentages of the produced triglycerides. A clear trend 
can be recognized by comparing the results at the different sampling 
times, especially in the main fatty acids palmitic acid (C16:0, red), oleic 
acid (C18:1, blue with vertical lines), and linoleic acid (C18:2, blue with 
hashed marks). The resulting fatty acid compositions demonstrate a 
notable decrease in short-chain C16:0 and an accompanying increase in 

longer-chained fatty acids, namely C18:1 and C18:2. This phenomenon 
also results in an increase in the proportion of unsaturated fatty acids 
over time. Another effect worth mentioning is the unchanged compo
sition regarding myristic acid (C14:0) and the longer chained fatty acids 
(C > 20).

For easier understanding, the fatty acid compositions of every sam
ple were compared to the sample taken after 48 h. The percentage 
change in relation to the fatty acid chain length and the degree of 
unsaturation was calculated and is shown in Fig. 3.

When evaluating the change in fatty acid saturation and overall 
chain length in the triglyceride mixture, the influence of the cultivation 
time on the fatty acid composition becomes evident. In Fig. 3, with 
increasing cultivation time a higher degree of unsaturation and a slightly 
increased chain length can be observed. Although the cultivation time of 
triglycerides seems to be a decisive factor, it has only rarely been 
investigated in connection with the fatty acid composition of microbial 
triglycerides. At present, the knowledge of the influence of cultivation 
time on fatty acid composition is limited. In 2020 Utami et al. were able 
to show that the cultivation time influences the fatty acid composition of 
the triglycerides formed in the filamentous fungus Aspergillus oryzae 
(Utami et al., 2020). Contrary to our data, a slight increase in palmitic 
acid and a constant proportion of stearic, oleic, and linolenic acid over 
the cultivation period was observed. However, a direct comparison of 
these results is difficult due to the different organisms and significantly 
different cultivation conditions, for example, a much shorter observed 
time window. What can be compared well with the literature is the high 
proportion of C18:1 in the triglyceride produced with the reference 
conditions. This is something that is often found in the literature 
regarding microbial triglycerides from many different organisms, like 
Y. lipolytica or R. toruloides (Athenaki et al., 2018; Papanikolaou and 

Fig. 2. Influence of the cultivation time on the fatty acid profile in the triglyceride mixture produced by U. maydis MB215Δcyp1Δemt1 under standard cultivation 
conditions. The data presented originates from the cultivation shown in Fig. 1. The x-axis represents the different fatty acids attached to the glycerol backbone in 
weight percent. The different fatty acid species are presented by the color code on the right with the first number representing the total length of the carbon chain and 
the second number for the number of double bonds in the fatty acid chain. Values are only depicted if their value exceeds 2 w/w %. Cultivation conditions: 250 mL 
shake flasks; VL = 20 mL; n = 350 rpm; d0 = 50 mm; modified Verduyn medium; nitrogen-limited; Ccarbon source = 100 g•L− 1 glucose; pH = 6.5.
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Aggelis, 2011).
The experiment, shown in Figs. 1–3, demonstrates that for a valid 

comparison between different cultivation conditions, the cultivation 

time must be kept consistent. Any variation will affect the comparison 
and potentially lead to less accurate results.

3.2. Influence of the carbon source on the fatty acid composition

The carbon source represents a fundamental component of a bio
process, which typically remains unaltered and is not subject to modi
fication during an ongoing fermentation. To assess the impact of varying 
carbon sources on the fatty acid profile a comparison to a reference 
cultivation with the same cultivation parameters as in Fig. 1 was used. 
Glucose was replaced by sucrose, fructose, xylose, arabinose, and 
galactose. Each carbon source was normalized to the molar amount of 
carbon atoms in the reference cultivation and then added at the corre
sponding concentration. Given that the cultivation time affects the fatty 
acid composition, the cultivations were terminated after a production 
phase of 120 h (equals 144 h cultivation time). The resulting online 
monitoring data from these cultivations are presented in the supple
mentary information in Fig. S 1. The results of the fatty acid composition 
analysis are depicted in Fig. 4.

The organism displays the capacity to grow and produce tri
glycerides on a diverse range of carbon sources, including hexose sugars 
such as glucose, fructose, sucrose, and galactose, as well as pentose 
sugars, such as xylose and arabinose (Helm et al., 2023; Müller et al., 
2018; Richter et al., 2024). The fungal growth patterns, which were 
recorded by measuring the respiratory activity (Fig. S 1), remain largely 
consistent across these different carbon sources, with the only observ
able variation being the length of the lag phase. Following nitrogen 
limitation, no significant differences in respiration activity were 
observed, regardless of the carbon source, as can be recognized in Fig. S 
1. The fatty acid composition of the triglycerides produced from glucose, 
fructose, and sucrose is nearly identical. This is likely due to the fact that 

Fig. 3. Influence of the cultivation time on the fatty acid profile in the tri
glyceride mixture produced by U. maydis MB215Δcyp1Δemt1 under standard 
cultivation conditions. Change in fatty acid profile is illustrated regarding the 
change of the degree of unsaturation and the overall chain length, compared to 
the sampling point at 48 h. The degree of unsaturation represents the propor
tion of all unsaturated fatty acids in the total triglyceride mixture and was 
calculated using the proportion of each fatty acid and their degree of unsatu
ration, whereas the chain length refers to the total length of the fatty acids 
present. The data presented originates from the cultivation shown in Fig. 1.

Fig. 4. Fatty acid composition of the analyzed triglyceride samples derived from cultivations on different carbon sources depicted in Fig. S1. The x-axis represents the 
different fatty acids attached to the glycerol backbone in weight percent. The different fatty acid species are presented by the color code on the right with the first 
number representing the total length of the carbon chain and the second number for the number of double bonds in the fatty acid chain. Values are only depicted if 
their value exceeds 2 w/w %. Cultivation conditions: 250 mL shake flasks; VL = 20 mL; n = 350 rpm; d0 = 50 mm; modified Verduyn medium; nitrogen-limited; 
Ccarbon source = 100 g•L− 1 glucose equivalents; pH = 6.5.
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all of them are metabolized via glycolysis. Similarly, galactose, another 
hexose, also yields a very similar fatty acid profile. The utilization of 
pentoses, specifically xylose and arabinose, results in slight variations in 
the fatty acid composition, particularly in the proportions of palmitic 
acid (C16:0) and oleic acid (C18:1). The content of palmitic acid varied 
by ±5 %, while that of oleic acid exhibited fluctuations of up to ±10 % 
in comparison to the reference cultivation on glucose. These changes, 
although significant, remain relatively minor in comparison to other 
biological parameters tested in this study. It is noteworthy that palmitic 
acid levels decline when xylose is utilized yet increase when arabinose is 
used. This suggests the existence of a subtle distinction in the metabolic 
processes of U. maydis when dealing with these two C5 sugars. This 
hypothesis can be supported by the two partly divided metabolic path
ways used for arabinose and xylose degradation in yeast (Fonseca et al., 
2007; Zha et al., 2021). Nevertheless, the precise mechanism underlying 
this variation remains unclear. It seems probable that U. maydis follows a 
broad, conserved biosynthetic pathway for triglyceride production 
across different carbon sources. The synthesis pathway appears to be 
robust for hexoses, yielding highly consistent triglyceride profiles, while 
the slight changes observed using pentose sugars reflect a mild meta
bolic adaptation to these less common carbon sources. These conserved 
fatty acid synthesis pathways have also been confirmed in the literature 
for other oleaginous microorganisms. It has been shown that the carbon 
source has an influence on the fatty acid composition, but this influence 
is relatively small depending on the carbon source used (Papanikolaou 
and Aggelis, 2011; Sajbidor et al., 1988; Stutzenberger and Jenkins, 
1995).

3.3. Influence of the nutrient limitation triggering the triglyceride 
production

Similar to the carbon source used, the limiting nutrient that triggers 
triglyceride synthesis is often predetermined during the development of 
the fermentation process. To examine how different limiting nutrients 

affect the fatty acid composition of the produced triglyceride, nitrogen- 
limited cultivation was performed in comparison to phosphorus-limited 
and sulfur-limited cultivation. Due to necessary adjustments in nutrient 
and carbon source concentrations, the cultivation times in this experi
ment are shorter than in the already presented reference cultivation 
(Fig. 1). A comparison of the fatty acid compositions of this experiment 
is, therefore, only possible within this experiment. The online-monitored 
cultivation data can be found in the supplementary information in Fig. S 
2. The variation of the limiting nutrient results in changes in the OTR 
courses (Grebe et al., 2024), which differs from the nitrogen-limited 
course of the reference cultivation. The resulting fatty acid composi
tions are depicted in Fig. 5.

The analysis of the fatty acid composition presented in Fig. 5 reveals 
distinct variations based on the type of nutrient limitation applied to the 
cultivation. Here, phosphorus-limited and sulfur-limited cultivations are 
compared to nitrogen-limited reference cultivation. Notably, the influ
ence on palmitic acid (C16:0) levels remains relatively low, with only a 
5 % increase observed under sulfur-limited conditions. In contrast, sig
nificant reductions in oleic acid (C18:1) are evident when either sulfur 
or phosphorus limitations are present. Interestingly, an increase in 
linoleic acid (C18:2) is observed, particularly under phosphorus-limiting 
conditions. This leads to linoleic acid becoming the predominant fatty 
acid under phosphorus-limited conditions. It can be deduced that 
different limiting nutrients result in the production of diverse triglyc
eride profiles. For other organisms like oleaginous algae, this nutrient- 
dependent fatty acid synthesis was already demonstrated for the nutri
ents nitrogen and phosphorus (Gong et al., 2013). However, as the 
actual focus of Gong et al., 2013 was on the production of eicosa
pentaenoic acid, it showed that phosphorus limitation leads to higher 
palmitic and oleic acid concentrations than nitrogen limitation but did 
not quantify these results. Su et al. (2016) described in their paper that 
phosphate limitation in the oil-producing algae Porphyridium purpureum 
leads to increased formation of unsaturated fatty acids, which is in good 
agreement with our results (Su et al., 2016). In 1993, Granger et al. 

Fig. 5. Fatty acid composition of the analyzed triglyceride samples derived from cultivations with different nutrient limitations depicted in Fig. S 2. The x-axis 
represents the different fatty acids attached to the glycerol backbone in weight percent. The different fatty acid species are presented by the color code on the right 
with the first number representing the total length and the second number for the number of double bonds in the fatty acid chain. Values are only depicted if their 
value exceeds 2 w/w %. %. Cultivation conditions: 250 mL shake flasks; VL = 20 mL; n = 350 rpm; d0 = 50 mm; modified Verduyn medium with varied nutrient 
limitations; Ccarbon source = 100 g•L− 1 glucose equivalents; pH = 6.5.
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described that different nutrient limitations interact with the fatty acid 
composition in Rhodotorula glutinis, resulting in higher α-linolenic acid 
(C18:3) concentrations when comparing a nitrogen-limited to a 
phosphorus-limited cultivation. Unfortunately, the study did not pro
vide a comprehensive description of total fatty acid compositions but 
only examined the influence of the limitations on the formation of 
α-linolenic acid. (Granger et al., 1993). In addition, Zhuang et al., 2022
were able to show the influence of nutrient limitations on both the 
desaturase and elongase for the production of bioactive lipids (Zhuang 
et al., 2022). Based on the presented results and the assumptions made 
in the literature, it can be assumed that certain enzymes, for example, 
elongases and desaturases, that are essential for achieving higher levels 
of unsaturated fatty acids may not be synthesized as effectively under 
nitrogen limitation in U. maydis.

3.4. Influence of the oxygen availability on the fatty acid composition

The first parameter investigated in this section is oxygen availability. 
As described in the Material and Methods section, to ensure better 
comparability, sufficient oxygen levels were maintained during the 
growth phase of the organisms. To study the impact of oxygen supply 
during triglyceride production, oxygen availability was intentionally 
reduced to varying limiting levels.

The resulting OTR courses from different cultivations are presented 
in the supplementary information (Fig. S3). These courses clearly 
distinguish between the two phases, the growth phase and the produc
tion phase, as OTR reflects the oxygen availability within the system. 
Additionally, the analyzed fatty acid profiles corresponding to these 
conditions are also included in the supplementary information (Fig. S4). 
From this figure, several overarching trends can be derived, which are 
illustrated in Fig. 6 as changes in fatty acid saturation and chain length. 
The two trends are primarily caused by a decrease in the proportion of 

palmitic acid (C16:0) and oleic acid (C18:1), as well as an increase in the 
proportion of stearic acid (C18:0) and linoleic acid (C18:2). Addition
ally, an increase of over 100 % in the longer-chain fatty acids (>C20) 
was observed, with lower oxygen supplies. The nonlinear trend of the 
unsaturation degree is primarily caused by the C18:0 content, as it in
creases substantially with decreasing oxygen availability, but decreases 
again at maximal oxygen transfer capacity lower than 5 mmol•L− 1•h− 1.

To calculate the unsaturation and chain length change, the estab
lished reference cultivation conditions (see Figs. 1–3), which provided a 
maximal oxygen transfer capacity of 25 mmol•L− 1•h− 1, were used. 
From Fig. 6 two distinct trends of oxygen availability on the fatty acid 
composition emerge. As oxygen availability declines, the length of the 
produced fatty acids increases. A contrasting trend is observed in the 
unsaturation degree of the fatty acids. As oxygen availability decreases, 
the unsaturation also decreases. However, after reaching a minimum 
saturation level, at a maximum oxygen transfer capacity of 5 
mmol•L− 1•h− 1, the degree of saturation increases once more.

Some of the observed phenomena have been demonstrated in other 
studies of oleaginous organisms. In agreement with our results, Davies 
et al. (1990) demonstrated that a reduction in oxygen availability in the 
oleaginous yeast Apiotrichum curvatum resulted in an increased forma
tion of stearic acid (C18:0) and a reduced formation of oleic acid 
(C18:1). However, in the same experiments an increase in C16:0 and a 
decrease in C18:2 content has been observed resulting from a reduction 
in oxygen availability (Davies et al., 1990). Another study compares 
anaerobic with aerobic fatty acid production in the fungus Mucor rouxii 
and links the different fatty acid profiles to the oxygen dependence of 
various desaturases involved in fatty acid synthesis (Ruenwai et al., 
2010). Accordingly, it can be assumed that the influence of oxygen 
availability on the fatty acid composition depends at least partly on the 
used organism and its enzyme apparatus. The organism dependence has 
already been shown by comparing different organisms with different 
oxygen availabilities (Jirout, 2015). Because oxygen availability in
teracts in so many ways with the metabolic balance of aerobic organ
isms, it is difficult to conclude universal trends for all organisms. 
Nevertheless, the results presented here establish a consistent trend 
indicating how the fatty acid profile is dependent on oxygen availability 
for U. maydis.

There are also minor restrictions on the use of oxygen availability for 
tailoring the fatty acid composition. The method can only be used 
effectively within a certain range of maximum oxygen transfer capac
ities, as limiting oxygen supply in general slows down the metabolism. 
As a result, insufficient oxygen availability results in a process that is not 
economically viable.

3.5. Influence of the pH in the triglyceride production phase on the fatty 
acid composition

One of the most readily modifiable parameters during production 
processes in a bioreactor is the pH value. As outlined in the Materials 
and Methods section, to isolate the impact of pH on fatty acid compo
sition, the growth phase was maintained at a pH of 6.5. The triglyceride 
production phase was then conducted at various pH levels, ranging from 
5.5 to 10, to test the influence of pH on triglyceride production. In 
Fig. S5, for the growth phase, a mean course for all cultivations is 
depicted, whereas for the production phase, individual OTR courses are 
displayed. The fatty acid compositions of the different pH values are 
shown in the supplementary information (Fig. S6) and the derived 
trends of the pH value are depicted in Fig. 7.

The fatty acid composition, specifically chain length and degree of 
unsaturation, was normalized to the reference process, where a pH of 6.5 
was maintained throughout both, the growth and production phase. The 
data presented in Fig. 7 reveal a positive correlation between pH and the 
degree of unsaturation of the fatty acids produced. As the pH increased, 
so did the unsaturation level. Even at the higher pH values of 9 and 10, 
the culture continued to produce triglycerides although with decreased 

Fig. 6. Influence of the maximal oxygen transfer capacity on the fatty acid 
profile in triglyceride mixture produced by U. maydis MB215Δcyp1Δemt1. 
Change in the fatty acid profile is illustrated regarding the degree of unsatu
ration and the overall chain length, compared to the standard cultivation pro
cedure. All cultivations were stopped at the same time point, to prevent the 
already shown temporal influence on the fatty acid composition. The degree of 
unsaturation represents the proportion of all unsaturated fatty acids in the total 
triglyceride mixture and was calculated using the proportion of each fatty acid 
and their degree of unsaturation, whereas the chain length refers to the total 
length of the fatty acids present. The data presented originates from the culti
vation shown in Fig. S 3 and the resulting fatty acid composition shown in Fig. S 
4. Cultivation conditions: 48 well microtiter plate; VL = 0.5–2 mL; n1 = 1000 
rpm; n2 = 525 rpm d0 = 3 mm; modified Verduyn medium; nitrogen limited; 
Ccarbon source = 100 g•L− 1 glucose; pH = 6.5; OTRmax = varied by adjusting the 
filling volume (calculated using Eq. (1)).
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productivity. This suggests that pH manipulation is a viable tool to 
manipulate fatty acid saturation during fermentation. Regarding chain 
length, the longest fatty acid chains were observed at a neutral pH value 
of 7. Deviations from neutrality, both towards acidic and basic condi
tions, led to the production of shorter fatty acid chains. This trend in
dicates that extreme pH values, either too acidic or too basic, might 
disrupt the enzymatic processes involved in elongation, resulting in 
shorter fatty acids. The two identifiable trends are primarily attributable 
to a shift from C18:1 to C18:2, as illustrated in the supplementary in
formation (Fig. S6). The proportion of C16:0 remains constant at 20–22 
% over the majority of pH values, but rises to 27 % at pH 5.5, suggesting 
that there may be even more significant deviations at even more acidic 
pH values. Very similar trends were reported in the literature for the 
organism R. glutinis. A comparatively constant proportion of C16:0 and 
an increasing overall degree of unsaturation with increasing pH value 
were observed (Johnson et al., 1992). The influence of pH on fatty acid 
composition, in general, has been investigated for certain fatty acids and 
different organisms, but it appears that the effects and deducible trends 
are quite organism-specific (Ochoa-Alfaro et al., 2019; Sakarika and 
Kornaros, 2016).

The results show that pH adjustment during the production phase 
has a significant impact on both the saturation and chain length of the 
produced triglycerides. Higher pH levels promote unsaturation, while 
neutral pH favors the formation of longer chains. Given the ease of pH 
control during the production process, these findings highlight the po
tential of using pH manipulation to tailor the fatty acid profile to specific 
industrial or consumer needs.

3.6. Supplementation of organic acids and their influence on the 
triglyceride production and fatty acid composition

Another parameter that could be readily adjusted to modify the fatty 
acid profile is the introduction of organic acids to the fermentation 

process. The acids were only incorporated after nitrogen limitation, i.e., 
at the onset of triglyceride production, and could then serve as an 
additional carbon source for triglyceride production. The fatty acid 
compositions of the produced triglycerides are depicted in Fig. 8.

Fig. 8 compares the fatty acid composition of triglycerides produced 
in the presence of different organic acids, normalized to the reference 
process where no additives were used (pH 6.5, stopped after 144 h). 
When acetic acid was added, the fatty acid composition remained nearly 
identical to that of the reference process. There were no significant 
changes in the proportions of C16:0, C18:1, or C18:2, suggesting that 
acetic acid does not strongly influence the enzymatic pathways involved 
in fatty acid synthesis under the tested conditions. Literature suggests 
that acetic acid should indeed influence the fatty acid composition of 
produced triglycerides (Huang et al., 2018) but is also dependent on the 
applied concentration. It is therefore plausible that the used acetic acid 
concentration of 10 g•L− 1 was insufficient to induce significant alter
ations in the fatty acid profile. In contrast to acetic acid supplementa
tion, the addition of citric acid increased the proportion of C16:0 by 36 
% compared to the reference process, significantly altering the triglyc
eride profile. This increase in C16:0 was accompanied by a marked 
reduction in both C18:1 and C18:2 proportions. Additionally, the C16:1 
content showed a slight increase. These changes indicate that citric acid 
strongly influences the fatty acid biosynthetic pathways, favoring the 
production of saturated, shorter-chained fatty acids at the expense of 
longer-chain unsaturated fatty acids. The relationship between the use 
of citric acid as a carbon source and fatty acid synthesis has been 
described at the metabolic level for bacteria (Kelly and Hughes, 2001), 
as well as in general for oleaginous organisms (Ratledge, 2004; Ratledge 
and Wynn, 2002). The latter study underscores the significant impact of 
citric acid, as ATP citrate lyase and the associated acetyl-CoA, which is 
essential for fatty acid synthesis, are directly related to the presence of 
citric acid. Therefore, it is reasonable to conclude that the introduction 
of supplementary citric acid will have a significant effect on fatty acid 
synthesis. Unfortunately, Ratledge, 2004 does not provide any data 
regarding the fatty acid composition of experiments conducted with the 
addition of citric acid. Consequently, it is impossible to determine the 
precise impact that the addition of citric acid should have on the fatty 
acid composition from this publication (Ratledge, 2004). Another study, 
which examined the fatty acid composition of neutral fats during par
allel accumulation of citric acid in Aspergillus niger, did not observe any 
significant alteration in the fatty acid composition (Jernejc et al., 1989). 
However, it is questionable whether this process is at all comparable to 
the one presented here. In addition, as with the other parameters tested, 
there will also be a certain dependency on the respective organism.

The presented results demonstrate that different organic acids can 
lead to significant changes in the fatty acid composition of triglycerides 
produced by U. maydis. This highlights the importance of medium 
composition in controlling and potentially tailoring fatty acid profiles 
during triglyceride production.

4. Conclusion and outlook

This study highlights the impact of various cultivation parameters on 
the fatty acid profile of triglycerides produced by U. maydis, under
scoring their potential for targeted applications in the production of 
plant oil substitutes.

The initial assessment reveals that cultivation time significantly in
fluences fatty acid composition, with longer durations leading to more 
unsaturated and longer fatty acid chains. Consequently, it is essential to 
take cultivation time into account when comparing different production 
conditions. The impact of the carbon source is modest, but nutrient 
limitations (nitrogen, phosphorus, sulfur) significantly alter the fatty 
acid profiles, highlighting the importance of nutrient management. 
Oxygen availability is a critical factor in aerobic metabolism, wherein 
reduced oxygen levels can increase chain length but decrease unsatu
ration until a threshold is reached. However, low oxygen levels can 

Fig. 7. Influence of the pH value on the fatty acid profile in triglyceride mix
tures produced by U. maydis MB215Δcyp1Δemt1. Change in the fatty acid 
profile is illustrated regarding the degree of saturation and the overall chain 
length, compared to the standard cultivation procedure at pH 6.5. The degree of 
unsaturation represents the proportion of all unsaturated fatty acids in the total 
triglyceride mixture and was calculated using the proportion of each fatty acid 
and their degree of unsaturation, whereas the chain length refers to the total 
length of the fatty acids present. All cultivations were stopped at the same time 
point, to eliminate the already shown temporal influence on the fatty acid 
composition. The data presented originates from the cultivation shown in 
Fig. S5 and the resulting fatty acid composition shown in Fig. S6. Cultivation 
conditions: 250 mL shake flasks; VL = 20 mL; n = 350 rpm; d0 = 50 mm; 
modified Verduyn medium; nitrogen limited; Ccarbon source = 100 g•L− 1 glucose; 
pH = varied.
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impair metabolic rates, which may limit their suitability for industrial 
processes. Furthermore, pH adjustments have been observed to affect 
fatty acid profiles, with higher pH enhancing unsaturation and neutral 
pH achieving higher overall chain lengths. The effects of organic acid 
supplementation vary depending on the specific acid in question. The 
presence of acetic acid has no significant impact on the composition, 
while the addition of citric acid was observed to increase the palmitic 
acid content by 36 %. The potential for utilizing the diverse range of 
organic acids serves to further underscore the adaptability of microbial 
oil production processes.

In summary, the manipulation of cultivation parameters such as 
time, carbon source, nutrient limitation, oxygen levels, pH, and organic 
acid supplementation can effectively tailor microbial triglyceride 
composition. These modifications hold potential for replicating diverse 
plant oils like palm or avocado oil through tailored microbial processes. 
Despite necessary economic considerations at extreme parameter ad
justments, U. maydis-derived triglycerides offer consistent and custom
izable alternatives to conventional plant oils.
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