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1 Motivation and Overview of the Thesis 

1.1 Introduction 

Severe diseases of critical organs like the heart, liver, or kidneys were once 

considered incurable, often leading to fatal outcomes. This changed in 1954 when 

a team of scientists and surgeons, led by Joseph Murray, performed the first 

successful organ transplantation and initiated a new era in modern medicine. To 

cure a patient with chronic nephritis, they transplanted the kidney of the patient’s 

identical twin after testing their compatibility using small skin grafts.1 This pivotal 

moment in medical history marked a new hope for treating organ failure, that 

remains up to today oftentimes the only treatment option for patients with severe 

organ diseases. However, the success of transplantations was limited by the need 

for identical human leukocyte antigen (HLA) types between organ donor and 

recipient, as it is the case for identical twins, to prevent transplant rejection. This 

led to the development of immune-suppressive drugs to avoid an immune-

mediated rejection of the transplanted organ. These significant steps were 

essential for further achievements, including the transplantation of various solid 

organs such as the heart, lungs or liver.2 As organ transplantation became the gold 

standard to treat end-stage organ failures, the worldwide demand for donor organs 

has steadily increased, resulting in an increasing organ donor-supply gap with only 

10% of the global transplant demand currently being met.3, 4 To overcome this 

general organ shortage crisis with 15-30% of patients annually dying while waiting 

for an organ in Europe5, resolutions to increase the availability, ethical access and 

oversight of transplantation have been approved by the World Health Assembly. In 

addition, Spain successfully operates an opt-out system, which declares that 

everyone is an organ donor by default to boost donation. However, developing a 

global strategy with organ donation and transplantation being the norm is 

challenging as it comes up against cultural, ethical, religious, and personal 

concerns.4 As an alternative to transplanting human organs, animal-to-human 

xenotransplantation is investigated to fill the need for organ transplants. Since 

2022, two hearts, two kidneys and a liver, that were raised in genetically modified 

pigs, were transplanted into human. However, the organs either failed or had to be 
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removed within 8 weeks after transplantation.6 While promising, this emphasizes 

the need for autologous transplants.  

Tissue engineering displays a disruptive alternative to the general concept of 

transplanting donor organs and was first introduced by Joseph P. Vacanti and 

Robert Langer in the 1980s.7 Here, cells that are isolated from the human body are 

combined with an artificial matrix to create a three-dimensional (3D) biological 

substitute that can be transplanted to restore, maintain or improve the function of 

a diseased tissue or organ (Figure 1.1).8 By utilizing patient-derived cells, 

autologous tissue constructs can be grown ex vivo for transplantation without the 

need for a lifetime treatment with immunosuppressive drugs and to close the 

donor-supply gap effectively. At the same time, the fabrication of human in vitro 

tissues has the potential to revolutionize the pharmaceutical industry. Currently, 

the development of new drugs takes 10-15 years, costs 1-2 billion dollars, and 

mainly relies on preclinical animal testing. As the physiology, disease progression, 

and reaction to infections between humans and animals differs greatly, translation 

of data from preclinical animal tests into humans is difficult.9 This is one of the main 

reason why 90% of preclinically promising drugs fail when tested in humans in 

clinical trials.10 Reliable human tissue models could help to overcome this limitation 

in preclinical drug development and make it more efficient by reducing costs and 

the development time. This is further acknowledged by the Food and Drug 

Administration (FDA) modernization act 2.0 from 2022, which emphasizes the use 

of cell-based in vitro as well as in silico model systems to replace animal tests for 

drug discovery.11 

In addition to the development of new drugs and therapies, the creation of 

adequate tissue models could advance precision medicine. As diseases, like 

cancer, are often heterogeneous and individuals respond differently to different 

treatments, personalized therapies are decisive for an effective cure.12 Thus, the 

development of in vitro disease models using patient cells could help to improve 

disease diagnosis and prevention as well as to screen and identify effective 

therapeutics in a standardized manner, while reducing the costs, redundant 

treatments and side effects of current treatments.13  
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Figure 1.1: Principle of Tissue Engineering.  

 

In 2000, Time Magazine declared tissue engineering as the most promising job 

field, highlighting the enormous potential it held to revolutionize medicine.14 At that 

time, tremendous advances had been made since the concept of tissue 

engineering was first introduced, including milestones like the engineering and 

transplantation of an ear15, skin grafts16, and cartilage.17 Fueled by these 

successes, researchers and the public alike expected that we would by now have 

the capability to engineer whole, solid organs for transplantation. However, these 

high hopes have not yet been realized, as the field encountered critical challenges 

that slowed progress.18 The main challenge in tissue engineering lies in the 

fabrication of larger and more complex tissue constructs. Although initial successes 

have been achieved in simpler tissues with low metabolic demands, replicating 

these successes in more complex tissues remains a significant hurdle.19 A critical 

factor in creating larger tissue constructs is the development of a functional 

vascular network. In vivo, almost all tissues are vascularized to enable the cellular 

supply with oxygen and nutrients while removing metabolic waste products, which 

is why the formation of a functional vascular network in vitro represents one of the 

main bottle necks and is oftentimes considered as the ‘Holy Grail’ of tissue 

engineering.20, 21 Addressing this challenge has been a central motivation for me 

and became the focal point of my research in the group of Prof. Dr.-Ing. Laura De 

Laporte, which consists of four major research projects (Figure 1.2). Throughout 
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this thesis, I worked on the EU project OrganTrans, which aimed to develop 

patient-specific liver tissue in collaboration with 8 partners from industry and 

academia including Dr. Bart Spee’s research group at Utrecht University and Prof. 

Peter Carmeliet’s research group at KU Leuven. To bioprint larger liver tissue 

constructs, I contributed to the development of a novel synthetic bioink and 

investigated the growth of prevascularized cell spheroids within the printed 

constructs for vascularization. In addition, I optimized these prevascularized 

spheroids to reorganize into luminal structures that can fuse to build perfusable 

vascular channels. Moreover, I established an on-demand degradation mechanism 

in collaboration with the research group of Prof. Andreas Herrmann, which can be 

triggered with ultrasound to precisely control material degradation and the growth 

of cell spheroids in vitro and potentially in vivo. Finally, I established the creation 

of cell-microgel assemblies as an alternative to conventional 3D cell cultivation 

methods based on bulk hydrogels in collaboration with the research group of Prof. 

Andrij Pich, which has now become a key technique used in our research group. 

In the following chapters, I will describe the context of my projects, present these 

projects in detail, highlight their potential contributions to important challenges in 

the field of tissue engineering, and compare them to the current state of the art. 

 
Figure 1.2: Overview of PhD thesis topics. This thesis comprises four topics, including the 
bioprinting of vascularized tissues (Chapter 3), the formation of perfusable vascular structures 
(Chapter 4), an on-demand degradation system that can be triggered with ultrasound (Chapter 5), 
and the cell-induced fabrication of cell-microgel assemblies (Chapter 6).  
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1.2 Cell Culture 

Tissues are depending on their respective functions composed of multiple different 

cell types. Every cell type has thereby specific requirements that need to be 

considered when they are isolated from the tissue and should be cultured in vitro. 

While various hematopoietic cell lines like macrophages, lymphocytes or 

erythrocytes, are naturally found in the blood stream and do not adhere to surfaces, 

the majority of cell types isolated from tissues are naturally adherent and require 

attachment to a surface to grow.22 In this thesis, I have worked with naturally 

adherent cell types including human endothelial cells, fibroblasts, mesenchymal 

stem cells, and pericytes which are typically cultured two-dimensionally (2D) as 

monolayers on polystyrene surfaces in cell culture flasks or petri dishes.23 Besides 

the substrate, it is essential to provide cells with an environment that supports their 

viability and proliferation. This includes physiological temperatures, humidity, CO2 

and O2 levels, which are regulated by the cultivation in the incubator, as well as 

nutrients and growth factors supplied through the cell culture media. While the 

physical parameters in cell culture are stable and mimic the natural environment of 

the human body (37 °C, 5% CO2), the chemical composition of the cell culture 

media differs depending on cellular requirements.24 Endothelial cells, being highly 

specialized, need various growth factors, including vascular endothelial growth 

factor (VEGF), epidermal growth factor (EGF), basal fibroblasts growth factor 

(bFGF) and insulin-like growth factors (IGF) to be able to grow and build vascular 

structures.25 Thus, I used commercially available, specialized endothelial cell 

media that are supplemented with these growth factors in all my experiments 

whenever endothelial cells are included as described in Chapters 3, 4 and 5. 

In the pharmaceutical industry, 2D cell culture is widely used for high-throughput 

screenings of drugs and toxic compounds. They allow researchers to study the 

standard physiology and biochemistry of cells in a reproducible and cost-effective 

manner, filling the gap between biochemical assays and animal models.26, 27 

Furthermore, 2D cell culture systems can be used to investigate the migration and 

invasiveness of cells under controlled conditions, including the presence or 

absence of a chemotactic gradient, which are crucial for multiple processes 

including wound healing or tumor mestastasis.28 However, 2D cell culture models 

lack the complexity of native tissues and inaccurately represent in vivo cells. Cells 
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in 2D cultures are only in contact with other cells in their periphery, leading to fewer 

cell junctions and only partial polarity. As a consequence, all cells receive the same 

amount of nutrients, growth factors and oxygen with the absence of gradients, 

which makes the cell environment non-physiologically uniform. Therefore, drugs 

can easily penetrate the cells to induce apoptosis, which makes them appear less 

resistant to drugs than they would be in native tissues.29 This leads to high drug 

failure rates, with up to 95% of agents showing promising anticancer activity in 

preclinical in vitro tests but ultimately failing in clinical trials.26, 30  

 

1.2.1 Scaffold-free 3D Cell Culture 

Besides their cellular variety, tissues are characterized by their complex 3D 

structure that is crucial for the respective tissue function. Thus, recreating the 

three-dimensionality of native tissues in vitro is one of the main requirements to 

mimic the cells’ natural microenvironment. The simplest form of 3D cell culture are 

thereby scaffold-free techniques where cell attachment to a surface is prevented. 

This way, cells are forced to aggregate and self-assemble to form multicellular 

spheroids, which can resemble the architecture, gene expression patterns, 

physiological responses of tissues, as well as drug resistance mechanisms of 

diseases like cancer.31 Thus, spheroids are widely used in regenerative medicine 

as well as in vitro diseases and tissue models for drug screening.32, 33 During the 

process of spheroid formation, cells in suspension build loose aggregates by 

interactions between integrins on the cell membrane surface and arginine-glycine-

aspartate (RGD) motifs found in proteins of the extracellular matrix secreted by 

neighboring cells. As a result of the initial cell aggregation, the expression of 

cadherins is upregulated, which accumulate on the cell membrane. Direct cell-cell 

contacts are formed via cadherin bindings as well as other adhesion proteins like 

connexins and pannexins that transform the loose aggregates into solid cell 

spheroids.34  

Multiple techniques for spheroid formation have been developed that can be 

divided in matrix-free and matrix-based methods.34 These methods utilize physical 

forces, like gravity or centrifugation, non-adhesive biomaterials, and micro-

structured surfaces.35 The hanging drop method is the most common form of 

spheroid formation and uses gravity to accumulate and aggregate cells at the air-
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liquid interface of a hanging drop (Figure 1.3 A). In this thesis, I have fabricated 

spheroids by forming hanging droplets with a volume of 30 µL containing 1000-

5000 cells that were cultured in petri dishes. While the hanging drop technique 

produces uniformly sized spheroids without the need for additional professional 

equipment, it is labor-intensive and time consuming with a low throughput36, which 

is a disadvantage when biofabricating larger, spheroid-laden constructs, which is 

one of the goals of this thesis. In contrast, ultra-low attachment well plates with a 

microstructured surface in the shape of an inverted pyramid allow to increase the 

throughput of spheroid production.33 Thus, I have utilized the Sphericalplate 5D® 

in these cases, which was provided by Kugelmeiers Ltd. as part of the OrganTrans 

collaboration and allows to produce 750 uniform and size-controlled spheroids in 

a 24-well plate format (Figure 1.3 B).37 During my research, I formed spheroids 

consisting of human umbilical vein endothelial cells (HUVECs) in co-culture with 

normal human dermal fibroblasts (NHDFs) as supporting cells, which is presented 

in Chapters 3, 4 and 5. The resulting spheroids show an even distribution of 

HUVECs, confirmed by CD31 immunostaining, and NHDFs (Figure 1.3 C). 

Spheroids are, depending on their size, characterized by different layers of 

quiescent and proliferating cells as a result of nutrient and oxygen gradients that 

are decreasing from the spheroid surface to the core.38, 39 While the presence of 

such gradients mimics the physiologic cell environment, it at the same time limits 

the spheroid size. Depending on the cellular oxygen consumption rate, spheroids 

with sizes > 150 µm commonly develop a necrotic core as a result of limited oxygen 

diffusion.40 Such hypoxic conditions are commonly found in tumors, which is why 

spheroid models are established to recapitulate the tumor microenvironment41, but 

are not representative for non-tumor tissues. Thus, simple spheroid systems are 

unsuitable for the development of more complex and larger tissue models. Typical 

spheroid cultivation methods are further limited in cell-matrix interactions due to 

the lack a surrounding matrix, which is a key component of the natural cellular 

environment. Without the extracellular matrix, cells are deprived of essential 

biochemical and mechanical signals that influence their function and 

organization.34 In the following subchapters, we will explore the role of the 

extracellular matrix in cellular behavior and the significance of providing artificial 

matrices to advance 3D cell culture systems and create more complex in vitro 

tissue models.  
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Figure 1.3: Spheroid formation methods. Spheroids are formed in hanging drops (A) or using 
the ultra-low attachment well plate Sphericalplate 5D® (B). C) Confocal images of a spheroid 
consisting of HUVECs and NHDFs in a 3:1 ratio and 1000 cells in total. The spheroid is stained for 
nuclei (blue), actin (green) and CD31 (red). Scale bars: A) 100 µm, B) 1 mm, C) 200 µm. 

 

1.2.2 The Extracellular Matrix 

Every cell produces and interacts with a surrounding extracellular matrix (ECM), 

which is the non-cellular component found in all tissues. The ECM in general 

consists of water, polysaccharides and around 300 different proteins, which are 

called the core matrisome.42 While the macromolecules of the ECM can be 

classified into collagens, elastin, microfibrillar proteins, proteoglycans like 

hyaluronan, and noncollagenous glycoproteins, its specific composition varies 

between different tissue types. These molecules essentially provide a physical 

scaffold for cells to attach, migrate and orchestrate important biochemical 

functions, which influence cell proliferation, differentiation, and survival.43  
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The ECM comprises two structurally distinct types, called the interstitial ECM and 

the basement membrane. The interstitial ECM is a porous network consisting of 

fibrillar proteins, which are produced by fibroblasts, that is found in connective 

tissue types and the parenchyma of all organs.44, 45 The basement membrane is a 

thin ECM layer that surrounds most animal tissues and lies beneath epithelial and 

endothelial cells. It thereby creates an interface between these polarized cell types 

and the underlying connective tissue, which is essential for the glomerular filtration 

in the kidneys as well as the function of the blood-brain barrier.44, 46 The main type 

of ECM found in blood vessels is the basement membrane, which underlies the 

innermost layer of endothelial cells and surrounds perivascular cells as well as 

smooth muscle cells in the outer blood vessel layers.47 Thereby, the basement 

membrane contributes to the mechanical properties of the vessel and influences, 

depending on its composition, the vessel elasticity, vascular permeability and 

detection as well as responsiveness to fluid mechanical shear stress.47, 48 

The interaction of cells with the surrounding ECM is depending on the recognition 

of ECM motifs by the cells and represents the basis for the development, 

maintenance and functions of tissues in our bodies. The majority of proteins found 

in the ECM, including fibronectin, vitronectin, collagen, and fibrinogen, contain the 

tripeptide RGD in their sequence. This sequence serves as a cell recognition site 

for integrins, a family of cellular transmembrane proteins, that bind to the RGD 

peptide.49 Within the cell, integrins are associated with proteins like talin and kindlin 

and are anchored to the actin filament of the cytoskeleton. This way, they can 

transmit bidirectional signals across the cell membrane to control cell adhesion to 

the ECM via inside-out signaling as well as regulating cellular processes as a 

response to signals from the surrounding microenvironment.50 

To be able to contribute to changes during development and to maintain tissue 

homeostasis, the ECM is a highly dynamic structure, which undergoes constant 

remodeling processes. Changes in the ECM composition influence the physical 

and mechanical properties, such as pore size, stiffness, viscoelasticity, and 

topography. These properties regulate important cell behaviors including cell 

migration, which is crucial during development, immune defence, wound healing, 

and diseases.51, 52 The ECM remodeling process mainly involves the degradation 

of the ECM, which is executed by different families of proteases. These proteases 
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are mainly membrane-bound or soluble matrix metalloproteinases (MMPs) that are 

secreted by cells as zymogens and are subsequently activated in the extracellular 

space by proteolytic degradation. So far, 23 different MMPs have been identified, 

which are able to degrade all proteins of the ECM. To prevent uncontrolled 

degradation, the activity of MMPs is inhibited by metalloproteinase inhibitors 

(TIMPs). This way, the overall proteolytic activity is balanced by the ratio of MMPs 

to TIMPs.53  

 

1.2.3 Hydrogels as Artificial ECM for 3D Cell Cultivation 

Tissue engineering aims to build tissues by mimicking the natural interaction of 

cells with their surrounding ECM and recapitulate essential ECM functions in vitro. 

Numerous materials have been investigated in their capability to capture these 

ECM characteristics, which are combined with different scaffold-based culture 

systems to provide a suitable environment for cells to grow. The majority of these 

culture systems comprise solid scaffolds as well as aqueous-based hydrogels that 

serve as artificial extracellular matrices.54 Solid scaffolds have been extensively 

used in the past and are characterized by a high degree of porosity that allows for 

infiltration of cells that are seeded on top of a pre-prepared scaffold.55 The 

formation of big pores within the scaffold can be achieved by various techniques 

like solvent casting, porogen leaching, freeze-drying or phase inversion as well as 

combinations thereof.56 In addition, fibrous scaffolds are formed by creating a mesh 

of fibers that are for example formed by electrospinning.57 While these methods 

allow to control the pore size, shape, and interconnectivity, which have been shown 

to influence cell fate58, the requirement to form the scaffold before cell seeding 

impedes a homogeneous distribution of the cells throughout the scaffold.55 In 

addition, the formation of larger pores in a range of 100-600 µm promotes cell 

attachment and growth in 2D along the pore walls, which prevents the formation of 

a 3D cellular network.59 

Hydrogels, on the other hand, are water-swollen, nanoporous polymer networks. 

Nowadays, they represent the most promising platform for 3D cell culture as they 

resemble the mechanics of soft tissues, mimic essential characteristics of the ECM, 

and support cell adhesion as well as protein sequestration.60, 61 Hydrogels are 

formed in a bottom-up process from polymer chains that crosslink and form a 
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network via covalent bonds or non-covalent interactions. The type of crosslinking 

thereby influences the mechanical properties of the resulting hydrogel, including 

the stiffness and pore size, which can be further tuned by changes of the polymer 

concentration and crosslinking density.62 The polymers used for hydrogel formation 

can be derived from natural or synthetic sources as well as semi-synthetic 

combinations thereof (Figure 1.4).63  

 

Figure 1.4: Overview of different hydrogel sources. Hydrogels are made of polymers that can 
be derived from natural, semi-synthetic or synthetic materials.  

 

Natural hydrogels are typically made of polymers that are derived from animals or 

plants. The majority of these polymers comprise proteins like fibrin, collagen or its 

derivative gelatin as well as polysaccharides such as cellulose, alginate, hyaluronic 

acid or dextran. In addition to single polymer hydrogels, decellularized ECMs, 

derived from human or animal tissues after removal of cellular components, serve 

as scaffold for tissue engineering. In comparison, decellularized ECMs offer a 

greater scaffold complexity due to the presence of multiple ECM macromolecules 

in their native architecture but require more extensive preparation.64 In general, 

natural hydrogels are characterized by their inherent biocompatibility and 

degradability, making them ideal candidates for biomedical applications and tissue 

engineering.65 Protein-based hydrogels are thereby becoming increasingly 
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attractive as they combine these inherent properties with the viscoelasticity of the 

natural ECM by exhibiting elastic and viscous behavior. The viscoelasticity of these 

hydrogels is a result of their partial non-covalent crosslinking as well as physical 

polymer entanglement or protein unfolding and refolding.66 Moreover, proteins 

contain multiple functional groups, such as amines thiols or carboxyl groups that 

enable further modifications. These functional groups can be reacted with synthetic 

crosslinkers to create semi-synthetic hydrogels that exhibit increased stability, 

while retaining their natural biocompatibility, functionality and degradability.67 This 

addresses the limitations of natural hydrogels, characterized by their low stability 

and mechanical strength.68 However, the use of natural polymers can introduce 

variability in the properties of both natural and semi-synthetic hydrogels as a result 

of batch-to-batch differences and poorly defined composition, given their origin 

from native tissues.69 This makes it difficult to further tune their properties and could 

limit the reproducibility, data reliability, and upscaling potential of such 

biomaterials.70, 71 For this reason, synthetic materials are used as alternatives to 

natural materials, which are often commercially available, characterized by their 

excellent potential for modifications, and controllability of their structure and 

properties.72 Multiple synthetic materials have been investigated in their potential 

to create hydrogels for biomedical applications. Since they are often bioinert, 

hydrogels based on synthetic polymers need to be biofunctionalized.73 To be able 

to support cell growth, cells need to be able to adhere to the polymer network. This 

can be achieved by introducing cell-adhesive proteins like fibronectin or vitronectin 

that are recognized by cellular integrins.74 Since such full-length proteins are 

however isolated from natural tissues, they are also prone to batch-to-batch 

variations. Thus, short peptides that contain the integrin recognition site RGD, 

which can be synthesized in a reproducible manner, are used to create fully 

synthetic hydrogels that are cell-compatible.75 In addition to promoting cell 

adhesion, synthetic polymer networks need to be rendered degradable as their 

pores are otherwise too small to be able to support cell migration and growth. This 

can be achieved by introducing for example hydrolytically degradable moieties. 

Thereby, water molecules react with ester, amide or ether groups, which results in 

a polymer chain scission, polymer mass loss, and hydrogel swelling.76 While 

hydrolysis results in generic hydrogel degradation, more precise mechanisms have 

been adapted from the natural ECM and involve the enzymatic degradation on cell-
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demand based on MMPs.77 In addition, dynamic synthetic hydrogels can be 

designed by incorporating reversible hydrogen bondings into the polymer network. 

This way, the viscoelasticity of tissues can be recapitulated in synthetic hydrogels 

and cell growth promoted in a degradation-independent manner.78 

 

1.3 Synthetic PEG Hydrogels 

Among the synthetic and hydrophilic polymers used for the formation of hydrogels, 

polyethylene glycol (PEG) is one of the most widely utilized and stands out by a 

unique combination of properties. Like other synthetic polymers, PEG is 

characterized by its tunability and can be tailored to specific applications by 

changes of the molecular weight and chemical structure, which can be linear or 

branched and directly influence the mechanical properties as well as scaffold 

architecture.79 In addition, the basic PEG structure consists of a PEG diol with two 

hydroxyl end groups, which can be modified with the same or two different 

functional groups, including methyloxyl, carboxyl, amine, thiol, azide, vinyl sulfone, 

azide, acetylene or acrylates, to create symmetrically or asymmetrically 

functionalized PEG molecules. This makes PEG a versatile building block for 

different chemical reactions that are utilized for hydrogel formation or further 

modifications.80 A major limitation of many synthetic polymers for their use with 

cells is their toxicity. In contrast, PEG is characterized by its excellent 

biocompatibility and therefore generally recognized as safe by the FDA and the 

European Medical Agency (EMA).81 Overall, these properties and the combination 

thereof make PEG the perfect candidate for applications in tissue engineering, 

biomolecule release or regenerative medicine (Figure 1.5).82 
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Figure 1.5: Properties and biomedical applications of polyethylene glycol (PEG). PEG is 
characterized by its tunability, versatility to be modified with a variety of functional groups as well 
as biosafety that is approved by the FDA for clinical use. This makes PEG an ideal candidate to 
create hydrogels for biomedical applications such as biomolecule release or cell applications. 

 

Depending on the modification of PEG with functional groups, multiple different 

crosslinking and hydrogel formation mechanisms have been investigated over the 

years. The most widely used crosslinking methods include chain-growth and step-

growth polymerization mechanisms.82 During chain-growth polymerization, 

commonly radicals are generated from photoinitiators upon UV light exposure. 

Free radicals then initiate the polymerization by transforming monomers like PEG-

acrylate into an active radical species. This radical species can then react with 

additional PEG-acrylate molecules to form a polymer network in a process called 

free-radical polymerization, which ends when two growing polymer chains form a 

stable bond or the radical is quenched otherwise.83 While such reactions have been 

used in tissue engineering applications before84, the exposure to UV light and 

radicals can be harmful for cells.85 In comparison, step-growth polymerization 

mechanism are mild reactions and happen under ambient conditions when two 

multifunctional monomers with mutually reactive functional groups are mixed 

together. In contrast to chain-growth polymerization, which is characterized by the 

rapid growth of individual polymer chains, causing defects in the polymer network, 

the polymer networks are more homogeneous as a result of step-growth 
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polymerization and build up gradually.82 The most commonly utilized step-growth 

polymerization mechanism to form PEG hydrogels is the thiol-Michael addition. 

Here, the thiol reacts as a nucleophilic Michael donor with an electron-deficient 

carbon-carbon double bond, which represents the Michael acceptor, in a highly 

specific “click” reaction (Figure 1.6 A). Thereby, the carbon-carbon double bond is 

electron-deficient due to the presence of electron-withdrawing carbonyl groups and 

is thus available for the nucleophile conjugation (Figure 1.6 B).86 The kinetics of 

the reaction depend on how strong the electron-withdrawing group is and the 

partial positive charge it creates on the carbon-carbon double bond where the 

nucleophile attacks. Therefore, the reactivity is lower for methacrylates and 

acrylates, which only have a single electron-withdrawing carbonyl group, whereas 

it is faster for vinyl sulfone and maleimides, characterized by two carbonyl groups 

(Figure 1.6 C).86, 87 This way, the gelation time can be adjusted from seconds 

(maleimides) to minutes (vinyl sulfone – methacrylates). In addition, the reactivity 

can be influenced by the pH. A higher pH thereby leads to a higher concentration 

of thiolates, which react as strong nucleophiles with the electron-deficient carbon-

carbon double bond of the Michael acceptor (Figure 1.6 D).88 Lastly, the thiol-

Michael addition can be accelerated by increasing the temperature. According to 

the Arrhenius equation, the reaction rate increases with increasing temperatures 

due to a higher kinetic energy of molecules, which allows them to overcome the 

activation energy barrier of the reaction.89 
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Figure 1.6: Crosslinking mechanism via thiol-Michael addition. Reaction of a thiol with an 
electron-deficient carbon-carbon double bond (A), which has due to the presence of an electron-
withdrawing group (EWG) a partial positive charge (B). The reaction kinetic depends on the strength 
of the EWG to create such a partial positive charge (C) and can be further catalyzed by the presence 
of bases to form thiolates, which react with the electron-deficient carbon-carbon double bond of the 
Michael acceptor in a second step (D). 

 

Throughout this thesis, I have worked with a PEG-based hydrogel that crosslinks 

via thiol-Michael addition of a four-arm PEG vinyl sulfone (PEG-VS) with linear di-

thiol crosslinkers. The reagents were dissolved in cell culture media and mixed in 

equimolar functional concentrations under physiologic conditions, which allowed 

for a controlled crosslinking of the hydrogel within 5-30 minutes, depending on the 

polymer concentration. PEG is bioinert and therefore has to be biofunctionalized 

to promote cell growth as mentioned in the context of synthetic materials before. 

To facilitate cell growth in general, peptides containing the MMP-sensitive 

sequence GPQG↓IWGQ were integrated into the polymer network.77 These 

peptides function as crosslinkers by featuring two terminal cysteines with thiol 
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groups in their side chains, which enable thiol-Michael addition with PEG-VS. In 

addition, the peptide with the sequence GRGDSPC was incorporated into the 

polymer network to facilitate cell adhesion (Figure 1.7). This hydrogel system 

provided the basis for the work described in the Chapters 3, 4 and 5. 

 

Figure 1.7: Crosslinking of PEG hydrogels via thiol-Michael addition. A polymer network is 
formed by mixing of a four-arm PEG-VS di-thiol peptide crosslinker that is sensitive for MMPs (HS-
MMPsens-SH). Additionally, a peptide containing the integrin recognition site RGD with a terminal 
cysteine is bound to the polymer network to promote cell adhesion. 
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1.4 Biofabrication of Complex Tissues  

Native tissues are versatile and unique in their function, which is a result of their 

cellular composition and spatial organization that differs between different tissue 

types and organs.90 Thereby, tissues vary in their complexity and can range from 

simple, bidimensional to tubular structures with a small number of cell types, as 

well as hollow and complex bulk organs including multiple different cell types.91 

Hydrogels are nowadays well-established in order to provide an artificial 

extracellular matrix that can support cell growth in vitro. However, the cellular and 

structural complexity of the respective tissue has to be recapitulated by combining 

tissue-specific cell types with structural cues to create functional tissue models.92 

While models of simple tissues, such as the skin, are already on the market93, it 

still remains a challenge to create models of more complex organs. For example, 

multiple tissues are characterized by their anisotropic structures, which cannot be 

recapitulated by conventional bulk hydrogels that are isotropic by default.92 Thus, 

our research group has developed the Anisogel technology to introduce 

directionality and align cells within hydrogels. This way, more relevant models of 

nerve tissues and platforms to facilitate their regeneration in vivo are created.94 

However, microtissues with a native-like microenvironment are unable to capture 

the full functionality of complex organs.95 Instead, they require cellular organization 

on a macroscopic scale to create tissues with physiologically relevant size and 

architecture that can serve as artificial organs for drug screening or 

transplantation.96 Biofabrication combines the principles of engineering, biology, 

and material science and is defined as ‘the automated generation of biologically 

functional products with structural organization from living cells, bioactive 

molecules, biomaterials, cell aggregates such as microtissues, or hybrid cell-

material constructs, through bioprinting or bioassembly and subsequent tissue 

maturation processes’.97 Especially bioprinting, originally developed as an additive 

manufacturing technology, has emerged as a promising biofabrication technique 

due to its precise spatial control over material and cell deposition layer-by-layer 

that has now been widely applied in tissue engineering.98 This way, it allows to 

pattern cells and materials at a high resolution to mimic the cellular 

microenvironment that can be upscaled for manufacturing and production to 

recapitulate the biological complexity of native tissues in large constructs.99 
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Materials used as bioinks must meet specific criteria in order to be printable. 

Extrusion-based bioprinting, the most commonly used bioprinting technique, 

requires materials that exhibit steady flow until deposition and rapid stabilization 

upon delivery to create constructs with a well-defined architecture. Moreover, the 

bioink formulation and the printing process must be optimized to protect the cells 

from high shear stresses and maintain viability of cells in high densities within the 

bioink. These requirements have been successfully met by natural biomaterials, 

such as gelatin methacrylate (GelMA), which crosslinks upon exposure to light or 

cooling and is characterized by its innate biofunctionality as well as –

compatibility.99 Thus, natural bioinks are now widely established in the field while 

synthetic alternatives are scarce, despite their potential advantages in tunability 

and reproducibility.  

 

1.4.1 Development of a Synthetic Bioink 

The PEG hydrogel that I have been working with during this thesis is liquid upon 

mixing of the precursors and characterized by the transformation into a 3D solid 

network in a process called sol-gel transition upon thiol-Michael addition. Thus, this 

hydrogel is considered as an injectable material. Injectable materials present a 

promising alternative to cell delivery for tissue engineering as they allow for the 

minimally-invasive injection of cells with the liquid precursor mixture into the body 

where the material locally transforms into a hydrogel.100, 101 At the same time, 

injectable materials are also extrudable due to their flow properties and therefore 

theoretically compatible with bioprinting. However, they lack post-extrusion 

stability, which makes it impossible to form defined structures. This limitation can 

be addressed by printing liquid matrix bioinks alongside stable template bioinks 

that provide structural integrity during the printing process in an approach called 

void-free 3D bioprinting.102 This approach makes it possible to print materials that 

are widely considered unprintable and has been used in Chapter 3 to create 

synthetic printed constructs from a slowly crosslinking PEG-based bioink in 

combination with sacrificial template bioinks. Once the PEG-based matrix bioink is 

crosslinked, the sacrificial bioink can be removed, allowing for the formation of a 

stable construct with perfusable channels (Figure 1.8 A). Additionally, bioprinting 

requires hydrogels with specific physico-chemical properties to create stable 
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constructs while supporting cellular functionality. For shape fidelity, hydrogels must 

possess sufficient stiffness to maintain their structure after deposition. However, 

this requirement hinders cellular activity, which require space and thus a softer 

matrix to grow. These contradicting requirements result in a biofabrication window 

with a narrow range of material properties that allow hydrogels to meet both the 

structural and biological demands.103 This limits the number of available bioinks, 

which are almost exclusively based on natural polymers, characterized by their 

excellent printability and cell support as described above. To develop a synthetic 

bioink that meets the requirements for bioprinting, I addressed the increased 

stiffness needed to ensure shape fidelity by adjusting the hydrogel degradability to 

rapidly create more space for cells to grow. Combining MMP-sensitive crosslinkers 

(HS-MMPsens-SH) with hydrolytically degradable, ester-functionalized cross-

linkers (HS-Esters-SH) in an 80:20 ratio accelerated hydrogel softening and 

thereby improved the growth of encapsulated spheroids consisting of HUVECs and 

NHDFs (Figure 1.8 B). Finally, we combined the printing method with the 

optimized hydrogel to print stable constructs that allowed for extensive growth of 

the encapsulated spheroids (Figure 1.8 C). As the cells grow within the printed 

construct, they contribute to stabilizing the construct and thereby compensate for 

the softening due to crosslinker degradation.104 Thus, the combination of initially 

stiff bioinks with rapid degradation could present a promising approach to address 

the narrow biofabrication window and the limited number of available bioinks.  
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Figure 1.8: Hydrogel optimization for bioprinting. A) Void-free bioprinting of a slowly 
crosslinking PEG-based bioink with a sacrificial template bioink that can be removed to create 
perfusable channels. B) The degradation of this PEG-based bioink is optimized by combining 80% 
MMP-sensitive/20% ester-functionalized crosslinkers to improve the growth of spheroids consisting 
of HUVECs and NHDFs in a 3:1 ratio. Scale bars: 200 µm. C) Bioprinting of this optimized bioink 
allows for the formation of printed construct that support extensive spheroid growth. Scale bars: 
5 mm, 1 mm. 
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1.4.2 Need for Vascularization 

The formation of complex and large tissue models that are suitable for 

transplantation requires cells to organize into dense structures that capture the 

functionality of their native counterpart. At the same time, these cells need to be 

supplied with oxygen and nutrients while metabolic waste products are removed.105 

Otherwise, the tissue thickness is limited to 100-200 µm.106 In native tissues, this 

is addressed by the presence of an extensive vascular system, consisting of a 

100 000 km network of arteries, capillaries and veins that ensures the cells’ supply 

and guarantee their viability.107 Thereby, the arterial network transports nutrient- 

and oxygen-rich blood, which is distributed to all tissues through capillaries with a 

maximum distance of approximately 200 µm between each other, while low-

nutrient and -oxygen blood is circulated back to the heart and lungs through the 

venous networks.108  

Vascular structures are forming in two different processes, called vasculogenesis 

and angiogenesis. Vasculogenesis thereby describes the de novo formation of 

blood vessels as one of the first functional structures during embryogenesis due to 

their critical importance to the developing embryo. Thereby, mesodermal 

progenitor cells aggregate to form blood islands, which then, triggered by growth 

factors like VEGF, differentiate into angioblasts and hematopoietic precursor 

cells.109 Multiple blood islands subsequently fuse and build a primary capillary 

plexus, while the angioblasts differentiate into endothelial cells along the inner 

lumen of capillary plexus.110 This structure builds the foundation to establish a 

functional circulatory network after its remodeling and maturation, followed by the 

recruitment of mural cells, which form the outer blood vessel wall. In parallel, the 

hematopoietic precursor cells differentiate into circulating blood cells in a process 

called hematopoiesis.111 Once a functional vascular network is established, new 

blood vessels are formed from existing ones during angiogenesis. Triggered by 

hypoxic conditions and the production of nitric oxide, the sprouting blood vessel 

dilates resulting in an increased vascular permeability and the extravasation of 

plasma proteins, which provide a temporary scaffold for migrating endothelial 

cells.112, 113 In addition, the interendothelial cell contacts are loosened and 

supporting pericytes detach, leading to blood vessel destabilization. A leading 

endothelial tip cell is formed that migrates out of the original blood vessel, guided 
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by an angiogenic signal such as a VEGF gradient. To sense the surrounding 

environment, the tip cell is equipped with filopodia. Neighboring endothelial cells of 

the tip cell transform into stalk cells that follow the tip cell’s lead while proliferating, 

elongating, and forming a lumen. At the same time, the stalk cells release 

chemokines, which recruit pericytes to stabilize the forming neovessel. Once tip 

cells of two neighboring branches meet, they fuse to build a continuous lumen and 

the formed vessel is stabilized by the deposition of a basement membrane and the 

re-establishment of cell junctions.114  

Tissue engineering aims to recapitulate the natural processes of vascular structure 

formation in vitro by combining relevant cell types, including endothelial and mural 

cells, with a supportive scaffold.115 However, like other cell types derived from soft 

tissues, endothelial cells are sensitive to the stiffness of their environment,116 which 

conflicts with the material requirements for bioprinting as described in Chapter 

1.4.1 above. This is why in Chapter 3, I cultured spheroids consisting of 

1 HUVECs/3 NHDFs, which in comparison to single cells are characterized by a 

high number of cell-cell contacts, locally increased concentrations of secreted 

MMPs and growth factors to promote cell growth, in our developed bioink. These 

spheroids are characterized by the growth of endothelial sprouts as a first step 

towards the formation of microvascular structures within printed constructs (Figure 

1.9 A).  

Despite having distinct functions and different sizes, ranging from microvessels 

and fine capillaries with 20 µm to large vessels, i.e. the aorta with 3.2 cm in 

diameter, the general structure of blood vessels is similar.117, 118 All vessel types 

consist of an innermost, single layer of endothelial cells, called the tunica intima. 

This endothelium is in direct contact with the blood and represents a cell barrier 

that regulates the trafficking of cells and nutrients, the permeability of the blood 

vessel as well as the blood fluidity. Moreover, the endothelium is a highly dynamic 

and heterogeneous structure, capable of adapting to pathophysiological stimuli 

and the specific needs of the underlying tissue.119 For example, endothelial cells 

of the blood-brain barrier exhibit very limited permeability to macromolecules due 

to the presence of unique tight junctions120, whereas blood vessels in tissues like 

the liver, which require extensive exchange between the blood and their 

surrounding environment, have an endothelium with significantly higher 
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permeability.121 The endothelium is depending on the blood vessel type further 

surrounded by outer layers of mural cells. These are called tunica media and tunica 

externa, while the description of an additional layer called tunica adventitia is 

suggested (Figure 1.9 B).122 Thereby, the tunica media is visually the most 

prominent layer in large arteries as it consists of smooth muscle cells that help to 

withstand high pressure while retaining vessel elasticity. In addition, the tunica 

externa and adventitia represent the outermost layers that consist of compact and 

loose connective tissue, which contains a mixture of stem cells, fibroblasts, 

myofibroblasts and pericytes.122, 123 During this thesis, I found that changing the 

ratios of HUVECs and NHDFs from 1:3 to 3:1 in spheroids results in the formation 

of a central lumen when cultured in PEG hydrogels. Similar to native blood vessels, 

the lumen is covered by an inner layer of endothelial cells as shown by CD31 

immunostaining, which are surrounded by fibroblasts, resembling the connective 

tissue layers (Figure 1.9 C). This way, spheroids reorganize into uniluminal 

structures that resemble the crosssection of simplified blood vessels. This 

phenomenon was further investigated in Chapter 4 were I could show that the 

probability of lumen formation and the size of the lumen can be influenced by the 

stiffness of the surrounding hydrogels. Increasing the stiffness thereby lowered the 

probability of lumen formation and resulted overall in smaller lumens. In addition, 

the size of the spheroids has an impact on the probability of lumen formation and 

can be varied to create lumens with different sizes.  

Since a spheroidal luminal structure is not yet functional, I sought for ways to create 

tubular structures with a continuous lumen to function as simplified blood vessels 

in vitro. I observed that when culturing spheroids in softer 2.5 w/v% as well as 

3.4 w/v% PEG hydrogels, they could fuse with neighboring spheroids in close 

proximity to form a continuous lumen. In this case, the fusion process relies on 

chance and the density-dependent proximity of neighboring spheroids. In 

collaboration with the research group of Prof. Dr.-Ing. Fischer, we used acoustic 

patterning to align the spheroids in a more controlled manner, aiming to bring them 

into closer proximity and thereby guide their fusion. This way, oriented tubular 

structures were formed (Figure 1.9 D). The continuity of the lumen could be further 

proven by the addition of fluorescent beads, which infiltrated the lumens. This work 

showed that prevascularized spheroids that reorganize into uniluminal structures 
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can possibly serve as fundamental building blocks to recreate vascular structures 

in vitro and thereby ensure the nutrient and oxygen supply of complex tissue 

models. 

 

Figure 1.9: Use of spheroids as vascular building blocks. A) Sprouting of spheroids consisting 
of HUVECs and NHDFs in a 1:3 ratio in PEG hydrogels. Arrows highlight sprouts formed by 
endothelial cells. Samples are stained for F-actin (cyan) and CD31 (magenta). Scale bar: 200 µm. 
B) Histological crosssection of a canine artery showing the distinct layers of the blood vessel stained 
with trichrome. Scale bar: 200 µm. Copyright 2016, Wiley-VCH GmbH. Reproduced with 
permission.122 C) Lumen formation of spheroids consisting of HUVECs and NHDFs in a 3:1 ratio in 
PEG hydrogels. Samples are stained for F-actin (cyan) and CD31 (magenta). Scale bars: 200 µm. 
D) Fusion of neighboring spheroids into tubular structures with a continuous lumen. Samples are 
stained for CD31 (magenta). Scale bar: 200 µm. 
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1.5 Transplantation of Tissue Constructs  

When transplanting engineered tissue construct, additional parameters have to be 

considered. The immune system is constantly screening the body for potentially 

harmful compounds including pathogens and foreign materials. While the use of 

autologous cells in tissue engineering can reduce the risk of an immune response 

upon transplantation, the materials used to fabricate these constructs represent a 

foreign body to the immune system that can be detected as a potential threat. This 

way, the artificial organ can trigger an unwanted foreign body response and 

activate an inflammatory cascade of events, starting with the recruitment of innate 

and adaptive immune cells.124 At the same time, the implantation causes a forced 

tissue injury, which induces a physical trauma that leads to the formation of an 

edema and the enrichment of plasma proteins at the implant site. A variety of 

plasma proteins then adsorbs to the surface of the artificial organ to mark it as a 

foreign body. Once the immune cells recognize and confirm the implanted material 

as a foreign body, they initiate an inflammation reaction within minutes to hours as 

a response to tissue injury.125 While neutrophils are the first responders to a foreign 

body, macrophages are mainly involved in the foreign body response to 

biomaterials.126 They try to degrade the implant by phagocytosis or release of 

degrading enzymes as well as reactive oxygen species, which can impair the 

stability of the implant.127 In case the macrophages cannot degrade the implant, 

the inflammatory reaction transforms to a chronic fibrotic stage during which the 

implant is encapsulated in fibrous tissue. This way, a fibrotic capsule is formed that 

shields the implant from the surrounding tissue and can ultimately lead to its failure 

and rejection.128  

As previously mentioned, natural materials are characterized by their excellent 

biocompatibility. However, since they are often derived from animals, they carry 

antigens that are foreign to the human immune system and thus come with the risk 

of rejection upon transplantation.129 In addition, products from biological sources 

can be contaminated due to impurities with the risk of disease transfer.71 While the 

use of animal-derived materials is well-established in medical devices, this risk is 

further acknowledged by the FDA, which therefore provides guidance to control 

animal tissue sources as well as recommendations and methods to remove 

pathogens from the final product.130 In this context, the bioinert properties of PEG 
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are of advantage as PEG-based transplants can minimize the risk of foreign body 

responses and transplant rejection by creating a biologically silent environment.81 

Additionally, the transplanted tissue must not only be not recognized as a foreign 

body by the immune system but needs to be integrated into the host environment 

and vascularized by blood vessels.131 Here, the versatility and tunability of PEG 

allow for specific biofunctionalizations to promote tissue infiltration and the 

integration of the transplant into the host environment. For example, the 

modification of PEG hydrogels with VEGF improves vascularization upon 

transplantation in the subcutaneous space.132 These advantages underline the 

significance of developing suitable PEG-based hydrogels and bioinks to engineer 

complex tissues in vitro that can be in the next step successfully transplanted.  

 

1.5.1 Controlling Degradation in PEG Hydrogels 

After successful transplantation and integration of the tissue substitute into the host 

environment, additional requirements have to be addressed to facilitate the 

transplant to restore, maintain, improve or replace the function of the specific tissue 

type. The in vivo environment differs vastly from the in vitro situation as the artificial 

tissue is transferred from a controlled to a dynamic and heterogeneous 

environment that can be hardly regulated. Yet, is it important to create a transplant 

that matches the mechanical properties of the targeted tissue and application, 

while it is degrading into non-toxic compounds over time that can be metabolized 

and cleared from the body.133 Thereby, the degradation rate of the implanted 

material is crucial and has to match the healing process and tissue formation in 

order to ensure its functionality and viability. If the material degrades faster than 

the surrounding tissue regenerates, the encapsulated cells will be isolated from the 

native ECM and the formed tissue ends up being defective.124 However, if the 

material stays too long at the site of transplantation, it could negatively affect the 

tissue regeneration process and may lead to encapsulation of the transplant, poor 

transplant integration, scar tissue formation and immune responses.124, 134, 135 

While the rate of degradation can be partly controlled by the crosslinking density 

or integration of degradation sites with different sensitivities, adjusting the 

crosslinking density also influences the stiffness of the hydrogel, which may impact 

its mechanical compatibility with the tissue environment.134 Moreover, tailoring the 
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sensitivity of degradation sites to match the in vivo environment remains 

challenging due to its mentioned dynamic nature and complexity, making a precise 

prediction difficult. This is why I worked on a proof-of-concept project in 

collaboration with the research group of Prof. Andreas Herrmann to create a 

degradation system that is independent of external factors and can be controlled 

on-demand, which is presented in Chapter 5. Hereby, I integrated thrombin 

cleavable peptides that are functionalized with thiols (HS-TCP-SH) and were 

provided by Kuan Zhang from Prof. Andreas Herrmann’s research group into our 

hydrogel system. These can be degraded in a second step by thrombin that is 

externally added through the cell culture media. This way, it is possible to 

significantly soften the PEG hydrogel on-demand. Combining HS-MMPsens-SH 

with HS-TCP-SH in a 70:30 ratio thereby results in improved cell growth and 

migration from spheroids encapsulated into the hydrogel (Figure 1.10 A). As part 

of this study, I have demonstrated that the hydrogel degradation and cell growth 

can be further influenced by adjusting the crosslinker ratios, thrombin 

concentration, and timing of thrombin exposure. While this system has proven 

effective for use in vitro, controlling the local degradation of thrombin-cleavable 

crosslinks in vivo for example by injection of thrombin is difficult. Therefore, we 

sought to conjugate a biocatalytic system consisting of thrombin and hirudin into 

the polymer network that can be activated with low intensity focused ultrasound 

(LIFU). In contrast to other non-invasive methods like light, heat or magnetic fields, 

ultrasound can deeply penetrate into human tissues to induce local effects with low 

signal attenuation.136 While high intensity ultrasound in general can damage and 

ablate tissues due to heating, pressure changes and cavitation, LIFU can be safely 

applied to sensitive tissues such as the brain without adverse effects.137 For this 

purpose, Kuan Zhang produced thrombin and hirudin modified with thiols that I 

integrated into the hydrogel network by covalently coupling this biocatalytic system 

to the four-arm PEG-VS via thiol-Michael addition. Upon exposure to LIFU, the 

non-covalent interaction between thrombin and hirudin is interrupted which 

activates thrombin to cleave the surrounding thrombin-cleavable crosslinkers 

(Figure 1.10 B). The activation of thrombin is thereby reversible as hirudin binds 

to thrombin and inhibits its activity again as the LIFU exposure stops. This allows 

for precise control over thrombin activity and hydrogel degradation, which can be 
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further combined with the ultrasound-triggered release of biomolecules to promote 

tissue regeneration.138  

 

Figure 1.10: Thrombin-mediated on-demand degradation of PEG hydrogels. Thrombin-
sensitive PEG hydrogels are formed by the introduction of a thrombin-cleavable crosslinker (HS-
TCP-SH) that can be degraded by the supplementation of thrombin through the media to improve 
cell growth (A). Scale bars: 200 µm. Thrombin and its inhibitor hirudin, both modified with thiols, 
can be integrated into the hydrogel network to activate thrombin upon ultrasound exposure (B). 

 



30 Motivation and Overview of the Thesis 

 

1.6 Granular Hydrogels and Microporous Annealed 

Particle Scaffolds 

While hydrogels are a well-established platform for 3D cell culture, their 

nanoporous polymer network, with pore sizes typically an order of magnitude 

smaller than cells, presents a significant limitation to the formation of complex 

tissues. Due to the size mismatch between the hydrogel’s pores and cells, the cells 

have to “work hard” to degrade the material and thereby create space to migrate, 

proliferate and grow.139 Although external degradation mechanisms can be applied 

to create additional space for cell growth, hydrogels often result in constructs with 

minimal cell fractions, limited cell-cell interactions and excessive amounts of 

synthetic material dominating the constructs.140 In contrast, native tissues are 

characterized by the abundancy of cell-cell interactions, necessary for tissue 

function and homeostasis.141 Thus, granular hydrogels become more and more 

relevant, which are characterized by a higher degree of porosity and space for cells 

to grow and interact.142 One class of granular hydrogels is called microporous 

annealed particle (MAP) scaffold and consists of microgels in various shapes that 

are interconnected via physical or chemical crosslinks. Similar to porous solid 

scaffolds described in Chapter 1.2.3, the cells infiltrate MAP scaffolds from the 

outside and migrate through the interstitial space between neighboring microgels 

without the need for material degradation. This makes MAP scaffolds a powerful 

tool for regenerative medicine as they for example improve wound healing by 

providing structural support to the surrounding, regenerating tissue.143 However, in 

vitro this method leads to an inhomogeneous cell distribution and a cellular gradient 

with most cells accumulating on the surface of the MAP scaffold and only a few 

infiltrating its core. To address this issue, I collaborated with Selin Bulut from Prof. 

Andrij Pich’s research group at DWI and developed cell-induced interlinked MAP 

scaffolds with a homogeneous cell distribution as described in Chapter 6. Instead 

of sequentially annealing the microgels in a first step and adding the cells to the 

formed MAP scaffolds in a second step, this method describes a one-step 

procedure where the cells are mixed with cell-adhesive microgels. Thereby, the 

cells can adhere to multiple microgels at the same time and glue them together 

(Figure 1.11). In addition, the scaffold formation is solely based on cellular self-

organization, which is fundamental for the development of functional and organized 
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structures in living systems.144 While these processes are independent from 

external factors, we can actively influence them during the construct assembly by 

adjusting parameters such as the cell/microgel ratio, the microgel stiffness or the 

well geometry. This allows us to create constructs with different shapes. Tissue 

engineering leverages these cell-driven processes to build complex tissues from 

stem cells that differentiate and self-organize through cell-cell and cell-matrix into 

so called organoids, which replicate key aspects of specific organ architectures 

and functions.145 However, the reliance on cellular self-organization presents a 

significant challenge as it limits reproducibility and maturity of organoids.146 By 

enabling control over this process, our approach holds the potential to address this 

challenge and facilitate the reproducible formation of next-generation organoids.  

 

Figure 1.11: Formation of cell-induced interlinked MAP scaffolds. Cell-induced interlinked MAP 
scaffolds are formed via cellular self-organization upon mixing of normal human dermal fibroblasts 
(green) with cell-adhesive microgels (blue). The self-organization process can be influenced by 
adjusting the cell/microgel ratio, the microgel stiffness or the well geometry, resulting in the 
formation of scaffolds with different shapes. Scale bars: 500 µm (I), 1 mm (II, III, IV). 
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1.7 Summary 

In this thesis, I explore different strategies to create complex tissues by optimizing 

materials that are compatible with biofabrication techniques to support cell growth, 

while investigating the formation of vascular structures, essential for ensuring the 

long-term viability of the engineered constructs. After discussing the motivation of 

my work to create complex tissues and their potential use in clinical transplantation 

as well as in vitro model systems, Chapter 2 gives an overview of the current state 

of the art in that field. This includes methods to control the porosity of artificial 

matrices, strategies to create vascular structures on different scales, and different 

bioprinting techniques used for the fabrication of complex tissues. In Chapter 3, I 

describe the optimization of a PEG-based bioink to support the growth of 

prevascularized spheroids, which are sensitive to the stiffness of the surrounding 

matrix and preferably grow in soft hydrogels. By combining hydrolytic and 

enzymatic degradation mechanisms, I compensate for the initial high stiffness 

required to ensure the shape fidelity of bioprinted constructs, while enabling 

extensive cellular network formation. This approach bridges the gap between the 

mechanical demands of bioprinting and the biological needs of 3D cell culture, 

enabling rapid material softening to create space for cell growth. In Chapter 4, I 

demonstrate that these spheroids can reorganize into uniluminal structures re-

sembling the inherent structure of simplified blood vessel at a 3 HUVECs/1 NHDF 

ratio and depending on the spheroid size and hydrogel stiffness. Additionally, such 

spheroids can fuse with neighboring spheroids to create tubular structures with a 

continuous lumen. For better control over hydrogel degradation, which is 

particularly challenging to regulate in vivo after transplantation, the establishment 

of an on-demand hydrogel degradation mechanism is presented in Chapter 5. The 

integration of thrombin-cleavable crosslinkers into PEG hydrogels allows for 

controlled degradation via thrombin that is supplemented to the media or integrated 

into the polymer network as part of a biocatalytic system that can be activated with 

ultrasound. While media-supplemented thrombin has proven effective to promote 

cell growth in vitro, the ultrasound-triggered degradation is particularly promising 

for in vivo application. Finally, Chapter 6 describes the formation of cell/microgel 

assemblies without the need for material degradation. While this process is fully 

driven by cellular self-organization, it can be influenced by external guiding cues. 
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2 State of the Art 

After outlining the motivation and objectives of this thesis, the following chapter 

provides an overview of contributions from other research groups as well as the 

current state of the art in the field of tissue engineering and biofabrication that are 

relevant for my own work. I present key advancements and methods to control 

porosity in injectable artificial matrices, essential to facilitate cell growth, as well as 

strategies to engineer vascularization on different scales to sustain tissues long-

term in vitro. Finally, I discuss bioprinting techniques that build up on materials, 

which support cell growth as well as vascularization strategies to create complex 

functional tissues. By examining these existing strategies, this chapter establishes 

the foundation to understand how this thesis builds upon and contributes to the 

field and its associated challenges.  

 

2.1 Controlling Porosity in Injectable Matrices 

2.1.1 Hydrogel Degradation 

The degradation of hydrogels, used as artificial matrices for cell culture, is one of 

the most important parameter to consider in order to promote the growth of cells 

that are encapsulated in the hydrogel or their infiltration from outside. As discussed 

in Chapter 1, I utilized multiple degradation mechanisms throughout this thesis to 

facilitate cell growth in synthetic polyethylene glycol (PEG) hydrogels, including 

hydrolytic, enzymatic and externally triggered, on-demand degradation (Figure 

2.1). Hydrolytic degradation thereby represents the simplest and least controllable 

form of degradation that is used for a broad range of biomedical applications. For 

example, Zustiak and Leach developed a hydrolytically degradable PEG hydrogel 

that crosslinks via thiol-Michael addition of PEG vinyl sulfone (PEG-VS) with an 

ester-functionalized di-thiol PEG crosslinker.147 They showed that the degradation 

rate can be influenced by varying the molecular weight of the crosslinker, which 

can be utilized for the controlled release and delivery of drugs and provides a 

suitable environment for fibroblast culture.147 In a more sophisticated setup with 

juvenile bovine chondrocytes cultured in photopolymerizable PEG hydrogels, 

Neumann et al. demonstrated that hydrolytic degradation of introduced ester bonds 

can promote the cellular deposition of a cartilaginous tissue matrix.148 The 
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extracellular matrix (ECM), secreted by the chondrocytes with cartilage-specific 

deposition of collagen type II and aggrecan, thereby resulted in an 8-fold increase 

of the compressive tissue modulus over a period of 28 days and resembled the 

native ECM in structure and organization.148 In addition, hydrolytic degradation 

mechanisms resulting in the rapid softening of synthetic hydrogel matrices has 

been shown to influence the fate of encapsulated stem cells. Gjorevski et al. found 

that intestinal stem cells cultured in a stiff PEG hydrogel are characterized by 

significantly enhanced expansion, which is directed by a yes-associated protein 

(YAP)-dependent mechanism.149 However, the differentiation and reorganization 

of single cells into intestinal organoids requires a softer matrix. Therefore, the 

authors incorporated hydrolytically degradable moieties to create mechanically 

dynamic PEG hydrogels. This way, an initially stiff hydrogel that softens over time 

can support both intestinal stem cell expansion as well as organoid formation.149 

This work was a major inspiration for the design of my hydrogel system that softens 

over time to meet the requirements for both bioprinting and 3D cell culture by 

combining hydrolytic and enzymatic degradation mechanisms. While natural ECM-

derived biomaterials are inherently susceptible to enzymatic degradation 

mechanisms by different classes of MMPs, Lutolf et al. designed peptides with a 

sequence that is sensitive for MMPs and can be incorporated into synthetic 

hydrogels.77 This way, cell growth in synthetic hydrogels can be promoted by 

mimicking the MMP-mediated invasion of the natural ECM. The sensitivity and 

kinetic parameters of the introduced MMP substrate with the sequence 

GPQG↓IWGQ, which laid the foundation for the degradability of PEG hydrogels 

used in this thesis, can be altered by the addition of charged amino acids.77 In 

addition to modifications of the specific peptide sequence, Patterson and Hubbell 

screened additional peptide sequences susceptible to MMP-mediated degradation 

with the aim to develop material formulations with a more rapid response to 

enzymatic remodeling.150 They characterized 17 MMP substrates with different 

sensitivities for MMP-1 and MMP-2, enabling the degradability of hydrogels to be 

fine-tuned according to specific applications. At the same time, hydrogels can be 

tailored to match the MMP expression profile of different cell types, such as the 

dominant expression of MMP-2 by endothelial cells and MMP-1 in case of 

fibroblasts.150 In our research group, synthetic PEG hydrogels susceptible to MMPs 
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lay the foundation for the Anisogel. Here, ultrasoft hydrogels with a storage 

modulus of 10 Pa support the growth of encapsulated dorsal root ganglia and orient 

neurite extension by addition of magnetically aligned rod-shaped microgels.151, 152 

This highlights the effectiveness of synthetic MMP-sensitive hydrogels to support 

the growth of complex neuronal structures and demonstrates their potential as a 

powerful tissue engineering platform. 

While MMP-mediated degradation represents a cell-derived remodeling 

mechanism, it is inherently reliant on cellular activity and lacks external control. 

Therefore, degradation strategies have been developed that can be triggered by 

external factors on-demand. For example, Zhang et al. developed mechano-

responsive hydrogels that display on-demand stiffening or softening by 

transforming mechanical forces into chemical processes.153 For that purpose, they 

incorporated a biocatalytic system consisting of thrombin and its inhibitor hirudin 

into PEG hydrogels. Upon stretching of the hydrogel, the non-covalent inhibitory 

interaction between thrombin and hirudin is reversibly interrupted, which switches 

the enzymatic activity of thrombin on. Self-softening behavior of the hydrogels was 

facilitated by the integration of thrombin-cleavable crosslinkers into the hydrogel 

that are cleaved by the activated thrombin.153 This idea was fundamental for the 

collaboration with Kuan Zhang from Prof. Andreas Herrmann’s research group to 

facilitate on-demand degradation of PEG hydrogels with low intensity focused 

ultrasound using the same biocatalytic system as presented in Chapter 5 of this 

thesis. In addition, the authors present self-stiffening behavior of the hydrogels by 

adding fibrinogen to the hydrogel mix, which can be polymerized to form fibrin 

fibers catalyzed by thrombin.153 Light represents another external trigger that is 

commonly used for polymerization and degradation mechanisms. Narayan et al. 

developed an elastin-like protein hydrogel with a light-responsive domain that can 

undergo multiple cycles of reversible sol-gel and gel-sol transition.154 Thereby, light 

with a wavelength of 400 nm triggers the assembly of monomeric domains into 

tetrameric structures that disassemble again upon exposure to light with a 

wavelength of 500 nm. At the same time, the resulting hydrogel supports the 

viability and proliferation of encapsulated cells that can be released on-demand, 

making it a promising cell delivery system. In vivo studies further demonstrate that 

the sol-gel transition can be initiated with light after subcutaneous injection, while 
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the hydrogel degrades substantially within 72 h.154 In addition to controlling 

mechanical hydrogel properties in vivo with light, such systems are also used to 

study the influences of biophysical cues on mechanosensitive cells in vitro. The 

stiffness of muscles is known to increase during aging and in case of diseases like 

fibrosis. At the same time, muscle stem cells are sensitive to the stiffness of their 

surrounding environment and lose their potential to regenerate during aging and 

diseases.155 In this context, Madl et al. suggested that muscle stem cells develop 

a mechanical memory of their biophysical microenvironment during their activation 

that determines their fate.155 To prove their hypothesis, they cultured muscle stem 

cells on dynamic hydrogels that, triggered by light, can stiffen or soften on-demand. 

When the cells are cultured on stiff hydrogels for 72 h, they stopped to expand and 

differentiated prematurely, resulting in a quiescent-like state, which could not be 

reversed by subsequent softening of the hydrogel substrate. In contrast, cultivation 

for 72 h on a soft hydrogel was sufficient to preserve the expansion potential of the 

stem cells, making the cells resilient to subsequent hydrogel stiffening.155 These 

studies demonstrate that regulating hydrogel degradation is essential for guiding 

in vitro tissue formation, the design of precise drug delivery systems, achieving 

controlled tissue regeneration in vivo, and developing platforms to study how 

changes of mechanical properties affect cellular fate in a controlled environment. 
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Figure 2.1: Overview of state of the art hydrolytic, enzymatic and externally triggered 
degradation mechanisms and their use in tissue engineering.  

 

2.1.2 Microporous Annealed Particle Scaffolds 

As an alternative to hydrogels, the research group of Prof. Tatiana Segura 

introduced microporous annealed particle (MAP) scaffolds in 2015, which facilitate 

cell infiltration without the need for previous material degradation. Griffin et al. 

produced spherical PEG-based microgels that are MMP-sensitive and either 

functionalized with lysine (K) or glutamine (Q) peptides that served for microgel 

annealing via non-canonical amide linkage, catalyzed by Factor XIII.143 This way, 

MAP scaffolds were formed with pore sizes in the range of 10-35 µm depending 

on the size of the microgels, which provided enough space for cells to infiltrate and 

grow within the scaffold (Figure 2.2). Moreover, MAP scaffolds are injectable and 

can be molded into any shape, which make them promising for applications in 

regenerative medicine. The authors showed that MAP scaffolds can be locally 

injected and annealed at the site of injury in a murine wound-healing model. MAP 
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scaffolds thereby accelerated wound closure and supported wound healing with a 

lower inflammatory immune response in comparison to non-treated controls as well 

as conventional bulk hydrogels.143  

 

Figure 2.2: MAP scaffolds based on spherical microgels. Microgels functionalized with K and 
Q peptides are produced via plug-flow microfluidics, crosslinked via thiol-Michael addition, and 
subsequently interlinked using Factor XIII. The open porous network provides space for cells to 
proliferate within the MAP scaffolds and build interconnected networks in the interstitial space of 
the microgels. MAP scaffolds can be injected to form complex shapes that are fixed after microgel 
annealing. Scale bar: 100 µm. Copyright 2015, Springer Nature. Reproduced with permission.143 

 

While MAP scaffolds based on spherical microgels are the current gold standard, 

opportunities to tune their porosity are limited to the packing density and the 

diameter of the microgels. Additionally, increasing the particle diameter results in 

bigger pores but since the aspect ratio of the particle is constant, the void volume 

fraction of the MAP scaffolds remains the same.156 Therefore, anisotropic rod-

shaped microgels are established as alternative building blocks, leading to MAP 

scaffolds with larger pores compared to those formed with spherical microgels. The 

pore size, number, and interconnectivity can be further adjusted by modifying the 

aspect ratio of the microgels.157 Rommel et al. reported for the first time the 

formation of such MAP scaffolds.158 Here, PEG microgels functionalized with 

primary amine and epoxy groups are produced via continuous on-chip gelation in 

microfluidics via free-radical polymerization. Amine and epoxy functionalized 

microgels are then mixed to interlink via amine-epoxy click reaction to build MAP 

scaffolds with pore sizes in the range of 30 µm to above 150 µm. When 

functionalized with RGD, these MAP scaffolds support the infiltration and growth 

of normal human dermal fibroblasts (NHDFs) and human umbilical vein endothelial 
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cells (HUVECs), which fill the open pores and build elongated prevascular 

structures (Figure 2.3 A). Additionally, the microgels facilitate diffusion of oxygen 

and nutrients and thereby serve as artificial “blood vessels” that prevent the 

formation of a necrotic core within the constructs after the cells fill all the remaining 

open pores.158 In another study from our research group, Suturin et al. investigated 

the influence of rod-shaped microgels with different aspect ratios on the porosity 

of MAP scaffolds.159 Microgels with aspect ratios of 5, 10 and 20 are produced via 

particle replication in nonwetting templates and afterwards interlinked via epoxy-

amine click chemistry as reported by Rommel et al. (Figure 2.3 B). These MAP 

scaffolds are characterized by porosities in the range of 65-90% and mean pore 

sizes of 39-82 µm for microgels with varying aspect ratios of 5 to 20. When 

fibroblasts are cultured on the MAP scaffolds infiltration of the open pores is 

observed for all conditions, while it takes longer for the cells to fill up the larger 

pores, which results initially in a higher fraction of remaining void spaces with 

increasing aspect ratio of the microgels. In these cases, the cells cover the 

microgel surfaces before they start to fill up the remaining open pores to form 

systems that are characterized by a smaller amount of synthetic material in 

comparison to the fraction of cells within the scaffold.159  
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Figure 2.3: MAP scaffolds based on rod-shaped microgels. A) I, II) Interlinked MAP scaffold 
based on rod-shaped microgels produced via plug-flow on-chip gelation microfluidics. III) Epoxy-
functionalized microgel rods (red) are mixed with the same number of amine-functionalized 
microgel rods (cyan) for their interlinking. IV) NHDFs are cultured for 5 days inside the scaffolds 
before HUVECs and additional NHDFs (1:3 ratio) are added for 14 more days. Samples are stained 
for nuclei (blue), F-actin (yellow) and CD31 (magenta). Scale bars: I) 5 mm; II) 1 mm; III) 500 µm; 
IV) 100 µm. Copyright 2022, Wiley-VCH GmbH. Reproduced with permission.158 B) Formation of 
MAP scaffolds based on rod-shaped microgels with aspect ratios of 5, 10 and 20. L929 cells are 
cultured on the scaffolds for 7 days and infiltrate the pores. Microgels are shown in red, F-actin in 
green and nuclei in blue. Scale bars: 200 µm. Copyright 2022, Wiley-VCH GmbH. Reproduced with 
permission.159 
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2.2 Methods to Engineer Vascularization on Different 

Scales 

With the aim to create tissues in the lab, the need to integrate vascular structures 

and to ensure the cell supply with nutrients and oxygen came. Research groups all 

around the world are working on different strategies to create functional 

vasculature, ranging from microvascular networks that mimic the blood capillaries 

to larger structures that resemble the arteries and veins. The following sections will 

explore some of the strategies to achieve vascularization on different scales, 

starting with cellular self-assembled vascular networks.  

 

2.2.1 Self-Assembled Vascular Networks 

2.2.1.1 Single Cell Culture 

When endothelial cells are co-cultured with supportive mural cells in a suitable 

matrix and are supplied with the right growth factors, they spontaneously organize 

into vascular networks.160 Bastard et al. further studied the influences of different 

pro-angiogenic growth factors as well as their timing of delivery on vascular 

structure formation based on HUVECs co-cultured with NHDFs, mesenchymal 

stem cells or pericytes in soft PEG hydrogels.161 Besides the commonly 

supplemented growth factors like vascular endothethial growth factor (VEGF), they 

identified that the sequential delivery of Angiopoietin-1 (Ang-1) and platelet-derived 

growth factor (PDGF) after 4 days, followed by the supplementation of 

Angiopoietin-2 (Ang-2) after 6 days promoted the formation of vascular structures 

best. This was observed for co-cultures of HUVECs with NHDFs or mesenchymal 

stem cells in a 1:3 ratio over a period of 7 days in total (Figure 2.4 A).161 Levenberg 

et al. reported for the first time the engineering of vascularized skeletal muscle 

tissue for transplantation by culturing endothelial cells with murine myoblasts on 

poly-(L-lactic acid) (PLLA)/polylactic glycolic acid (PLGA) scaffolds.115 Due to the 

big pores in the range of 225-500 µm, the cells infiltrated the scaffolds and the 

endothelial cells organized into tubular structures while the myoblasts 

differentiated to build myotubes.115 The Levenberg research group further 

advanced this technology to create mature vessel networks that facilitate graft-host 

anastomosis upon transplantation of engineered tissues: Ben-Shaul et al. 
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demonstrated that the co-culture of HUVECs with NHDFs in fibrin hydrogels 

combined with PLLA/PLGA sponges supported the formation of mature vessel-like 

networks within 14 days of cultivation.162 Additionally, they showed that the level of 

vessel maturity influences the success of graft integration and perfusion upon 

implantation into a mouse dorsal skinfold window. Thereby, the implantation of 

prematurely vascularized grafts that were cultured for 1 day in vitro did not properly 

support host vessel penetration and anastomosis. In contrast, grafts that were 

cultured for 14 days before implantation showed extensive host vessel penetration, 

anastomosis and functionality as fluorescent dextran, injected into the mouse tail, 

was detected perfusing both the host blood vasculature and the engineered 

vessels without blood clot formation (Figure 2.4 B).162  

 
Figure 2.4: Formation of microvascular structures in vitro. A) Co-culture of HUVECs and 
NHDFs or mesenchymal stem cells (MSC) in a 1:3 ratio in PEG hydrogels for 14 days with or without 
the supplementation of an optimized growth factor cocktail consisting of Ang-1 and PDGF added 
after 4 days and Ang-2 added after 6 days of culture. Samples are stained for CD31. Scale bars: 
100 µm. Copyright 2023, Wiley-VCH GmbH. Reproduced with permission.161 B) Host-graft 
vasculature 10 and 14 days after implantation of prevascularized constructs into mouse dorsal 
skinfold window. The grafts were cultured for 1 or 14 days before implantation. Vessel perfusion is 
visualized with injected rhodamine-conjugated dextran (Rho-dextran, red). GFP-HUVECs are 
green, host vessels are blue (mCD31-AF647 injected). Scale bars: 1000 µm. Copyright 2019, 
National Academy of Sciences. Reproduced with permission.162 
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2.2.1.2 Prevascularized Spheroids 

Originally, prevascularized spheroids have been utilized to better understand and 

recapitulate processes of vascular biology. Gentile et al. cultured spheroids 

consisting of mouse allantoic tissue in hanging drops that reorganized into an outer 

layer of smooth muscle cells and an inner layer of endothelial cells that enclose a 

central lumen when treated with VEGF.163 These spheroids resembled blood 

vessels in their basic functions as they could demonstrate physiologically relevant 

vasodilatory and contractile responses. Based on these findings, Fleming et al. 

further investigated the assembly of blood vessels by fusing uniluminal 

spheroids.164 Using the same uniluminal vascular spheroids as described by 

Gentile et al., they showed that spheroids can fuse with neighboring spheroids to 

create larger diameter spheroids with a central lumen. The herein presented 

vascular fusion principle could explain how large diameter blood vessels may be 

formed from the fusion of adjacent small diameter blood vessels, which is typical 

for the formation of the descending aorta.164 

De Moor et al. utilized prevascularized spheroids to address the vascularization 

challenge in tissue engineering and described them as useful building blocks to 

create larger vascularized 3D tissues.165 Spheroids combining HUVECs with 

fibroblasts and/or mesenchymal stem cells were produced and cultured in a high-

throughput non-adhesive agarose microwell system in different ratios. Thereby, a 

1:9 ratio of HUVECs to fibroblasts, mesenchymal stem cells or a combination of 

both resulted in stable spheroids with a high cell viability. In case of spheroids 

containing HUVECs, mesenchymal stem cells and fibroblasts, the formation of 

capillary-like networks with a significant larger number of lumens was observed 

within 10 days of culture. These networks were preserved when spheroids were 

encapsulated in Matrigel and fused to create larger tissue constructs (Figure 2.5 

A).165 In a follow-up study, De Moor et al. loaded these spheroids into a gelatin 

methacrylate-based bioink to bioprint constructs of clinically relevant size.166 

Depending on the UV exposure to induce photo-crosslinking of the bioink, they 

demonstrated a high viability of the spheroids as well as capillary network formation 

in the spheroids and their fusion (Figure 2.5 B).  
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Figure 2.5: Use of spheroids as vascular building blocks. A) Fusion, viability (II) and vascular 
network formation (III) of spheroids in Matrigel after 96 h in culture. Scale bars: I) 200 µm, II) 100 
µm, III) 20 µm. Copyright 2018, IOP Publishing. Reproduced with permission. All rights reserved.165 
B) Fusion (indicated by white arrows) and viability of spheroids in 3D bioprinted constructs after 6 
days in culture. Scale bars: 200 µm. Copyright 2021, IOP Publishing. Reproduced with permission. 
All rights reserved.166 

 

2.2.2 Engineered Vascular Networks 

The formation of larger diameter vascular structures commonly relies on 

biofabrication techniques like bioprinting with sacrificial materials to create 

perfusable channels. Ouyang et al. reported for the first time the concept of void-

free 3D bioprinting in which a sacrificial gelatin bioink is deposited layer-by-layer 

alongside a slowly crosslinking matrix bioink via extrusion bioprinting, which 

inspired our work presented in Chapter 3.102 Thereby, the printed gelatin bioink 

stabilizes the crosslinking matrix bioink and can be removed thereafter to create a 

3D network of interconnected tubular channels. Additionally, preloading endothelial 

cells into the gelatin bioink allows for in situ endothelialization of the inner channel 

surface upon liquefaction and release of the gelatin phase. Compared to post 

seeding methods, this results in an even distribution of endothelial cells throughout 

the channels that form a confluent monolayer within 8 days of cultivation (Figure 

2.6 A). Finally, the authors demonstrated that these channels are perfusable. They 

designed multiple perfusion patterns and showed that the cells form a uniform layer 

across the length of the channels while remaining viable for 12 days of perfusion 

culture.102  
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A similar system was used by De Lorenzi and Hansen et al. to create a perfusable 

tumor angiogenesis model.167 Here, they printed strands of gelatin mixed with 

endothelial cells inside of a bioreactor chamber that was filled with a fibrin-collagen 

hydrogel blend which contained a multicellular spheroid consisting of cancer and 

stromal cells. After hydrogel gelation, the bioreactor was incubated at 37 °C to 

liquefy the gelatin and coat the resulting channels with the encapsulated 

endothelial cells to create vascular channels. Promoted by the secretion of 

proangiogenic factors by the tumor cells, vascular sprouts were growing from the 

initial channels and infiltrated the tumor mass. Dynamic cultivation of the 

bioreactors for up to 3 weeks resulted in the formation of open lumens within the 

capillary network. The anastomosis of the self-assembled vascular network and 

the printed endothelium as well as the continuity of the vascular network lumens 

was proven by the perfusion with red blood cells, which were able to flow through 

the capillaries with up to 25 µm in diameter (Figure 2.6 B).167 These studies 

demonstrate how bioprinting facilitates the formation of vascular networks by 

enabling precise spatial organization of endothelial cells into channels.  
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Figure 2.6: Bioprinting of perfusable vascular channels. A) Void-free bioprinting of a matrix 
bioink (yellow) printed alongside a sacrificial gelatin bioink (green) that is removed by incubation at 
37 °C upon photo-crosslinking of the matrix bioink. Preloading of the gelatin bioink with endothelial 
cells allows for efficient in situ endothelialization of the resulting channels and the formation of a 
tubular vascular network inside 3D bioprinted constructs. Scale bars: 500 µm. Copyright 2020, 
Wiley-VCH GmbH. Reproduced with permission.102 B) Design of a bioprinted vascular structure 
with GFP-HUVECs (green), comprising two sequential hexagon-shaped channels and two small S-
shaped inner branches, and placement of a tumor spheroid (DiD-labeled, red). At day 14 of dynamic 
cultivation, the formation of vascular sprouts is observed, which have a lumen and penetrate the 
tumor spheroids (indicated by asterisks). The functionality of the capillary network was assessed 
by the perfusion with red blood cells, which flow through the self-assembled capillaries. Scale bars: 
I), II) 500 µm; III) 25 µm; IV) 50 µm. Copyright 2023, Wiley-VCH GmbH. Reproduced with 
permission.167 

 

2.3 Bioprinting in Tissue Engineering 

2.3.1 Bioprinting Techniques 

Besides the commonly used extrusion-based bioprinting, which was applied in the 

presented studies so far as well as in my work shown in Chapter 3, alternative 

bioprinting techniques have been developed over the years (Figure 2.7). Similar 

to the concept of extrusion bioprinting, inkjet bioprinting describes the deposition 
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of bioink droplets through a nozzle. Compared to the deposition of a continuous 

filament, this method allows to precisely shoot bioink droplets in the picoliter 

volume range, triggered by an actuator without contact to the substrate.168 Daly et 

al. used this advantage of inkjet bioprinting to deposit mesenchymal stem cells and 

chondrocytes into 3D printed polycaprolactone microchambers.169 These 

microchambers are hydrophobic and thus cause cellular condensation, which 

results in cellular aggregation and fusion while additionally confining and directing 

the growth of the formed aggregates. By printing spatially organized 

polycaprolactone implants with microchambers to create osteochondral templates, 

the authors were able to orient cell growth in a way that resembles the zonal 

organization of stratified cartilage.169 However, as nozzle-based approaches, 

extrusion and inkjet bioprinting can result in clogging and are limited in printing 

speed as well as bioink viscosity. Additionally, the bioink extrusion through the 

nozzle creates shear stresses that can harm the cells and affect their viability.170 

Thus, nozzle-free bioprinting alternatives, such as laser-assisted bioprinting are 

developed. Here, a laser is pulsed onto a metal or polymer film that absorbs the 

laser light and converts it into heat. The generated heat vaporizes portions of the 

bioink layer found on the donor substrate, which results in the transfer of bioink 

droplets onto the receiving substrate.171 As a proof-of-concept for this technique, 

Hall et al. utilized laser-induced forward transfer (LIFT), a form of laser-assisted 

bioprinting, to print high densities of multicellular spheroids consisting of human 

periosteum-derived cells with high precision. The spheroids were characterized by 

a high viability and the capacity to undergo chondrogenic differentiation.172  

 

Figure 2.7: Overview of different printing techniques. Extrusion and inkjet bioprinting are 
methods that involve the deposition of the bioink through a nozzle. While a continuous filament is 
extruded in case of extrusion bioprinting, an actuator in the nozzle of the printhead creates droplets 
that are deposited onto a printing substrate. In case of laser-assisted bioprinting, a laser is pulsed 
on an energy-absorbing donor substrate that vaporizes a portion of the bioink layer to create a 
bubble that shoots a bioink droplet onto the receiving substrate. 
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2.3.2 Bioprinting Complex Functional Tissues 

Beyond vascularization as highlighted in Chapter 2.2.2, bioprinting of multiple cell 

types and biomaterials offers the potential to biofabricate advanced tissues with 

increasing complexity and functionality. Ahrens et al. developed functional cardiac 

tissue with anisotropic organ building blocks (aoBB) that were bioprinted in a 

hydrogel mixture of gelatin and fibrin.173 The aoBBs were produced from human 

induced pluripotent stem cell-derived cardiomyocytes and human fibroblast on a 

micropillar array. During the extrusion-based printing process, the generated 

aoBBs aligned along the printing path, which was induced by shear forces and 

evident from the orientation of individual aOBBs to the sarcomeric structure of the 

generated tissue. Additionally, the authors developed elastomeric macro-pillar 

platform onto which cardiac filaments were printed. The contraction of the printed 

cardiac tissue thereby caused a deflection of the pillars, which allowed for 

quantification of the contractile force depending on the degree of pillar deflection. 

Compared to spheroidal and thus non-aligned controls, the cardiac filaments 

composed of aoBBs generated a significantly higher contractile force. This was 

confirmed in calcium imaging experiments, which revealed that the conduction 

velocity of action potential propagation in aligned cardiac filaments was 

significantly higher after 4 days compared to controls as well, while in both cases 

an increase was observed over time due to cellular remodeling (Figure 2.8 A).173 

This demonstrates the importance of combining large-scale models with cellular 

orientation to create tissues with native-like functionality. 

Brassard et al. re-invented the concept of extrusion-based bioprinting by depositing 

a suspension of stem cells and organoids directly into a viscous Matrigel/collagen 

mixture that supports cellular self-organization.96 This approach, termed 

bioprinting-assisted tissue emergence (BATE), enabled the controlled formation of 

self-organized macro-scale tissues in a more controlled manner by regulating the 

printing design and cellular density. They demonstrated this concept for 

connective, epithelial and vascular tissues based on three cell types with known 

self-organizing capacities. Mesenchymal stem cells reorganized into fibrous 

connective tissue, while HUVECs created branched vascular tubes with a 

continuous lumen that can be perfused. Printed intestinal stem cells further self-

organized into characteristic crypts and villi with differentiated Paneth cells and 
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enterocytes (Figure 2.8 B).96 The concept of BATE served as a significant 

inspiration for the idea of aligning prevascularized spheroids in order to guide their 

reorganization process into continuous luminal structures as presented in Chapter 

4. 

 

Figure 2.8: Bioprinting of complex functional tissues. A) Bioprinting of aligned cardiac tissue 
by deposition of anisotropic organ building blocks (aoBBs) that orient within the compacted bioink 
due to the shear forces during the printing process. The alignment is visible on multiple scales as 
the aoBBs are aligned within the bioprinted tissue, the individual cells are aligned within the aoBBs 
and the sarcomeres are aligned within each cell. Cardiac filaments consisting of aOBBs as well 
spheroid-based controls are printed on a macro-pillar platform. Deflection of the pillars due to 
cardiac contraction shows that the force generated by cardiac filaments consisting of aoBBs is 
higher compared to controls, which is also evident for the conduction velocity determined by calcium 
imaging. Scale bars: I) 20 µm; II, IV) 100 µm; III) 2 mm. Copyright 2022, Wiley-VCH GmbH. 
Reproduced with permission.173 B) Illustration of the bioprinting-assisted tissue emergence concept 
that deposits suspensions of self-organizing stem cells and organoids as building blocks into 
viscous ECM to create large-scale tissues. This is demonstrated for connective tissue that self-
organizes from mesenchymal stem cells (I), intestinal tissue build by intestinal stem cells (II), and 
vascular channels formed by HUVECs (III). Scale bars: I) 250 µm; II) 100 µm; III) 500 µm. Copyright 
2021, Springer Nature. Reproduced with permission.96 
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3 Synergizing Bioprinting and 3D Cell Culture to 

Enhance Tissue Formation in Printed Synthetic 

Constructs 

Daniel Günther, Cédric Bergerbit, Ary Marsee, Sitara Vedaraman, Alba Pueyo 

Moliner, Lisa van Uden, Céline Bastard, Vanessa Falter, Guy Eelen, José Gerardo 

Nava, Mieke Dewerchin, Peter Carmeliet, Rafael Kramann, Kerstin Schneeberger, 
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3.1 Introduction 

Tissue engineering aims for the development of 3D human functional tissues that 

mimic native tissues and organs. This way, autologous tissues could be designed 

and grown in the lab using patient-derived (stem) cells to complement and 

eventually replace donor organs for transplantation, which, up to now, remains the 

only life-saving treatment option for patients suffering from end-stage organ 

failure.5 Moreover, creating 3D human functional tissue models could revolutionize 

drug and therapy discovery, which is afflicted by the poor validity of current pre-

clinical test procedures based on 2D cell culture and animal testing.29 At the same 

time, human-like ‘disease in a dish’ models based on patient cells would allow for 

personalized drug testing and help to find the best treatment option to cure specific 

pathologies.12 However, and besides its great potential, tissue engineered 

solutions only play a minor role in regenerative medicine and precision medicine 

so far.174 

The development of 3D functional human tissues in vitro requires providing tissue 

inherent cell types with a surrounding extracellular matrix that recapitulates the 

native tissue organization and architecture, while introducing mechanical and 

biochemical cues that support cell growth.92 3D bioprinting has thereby emerged 

as a tool of choice to construct complex, anatomical tissues by depositing cells and 

biomaterials layer-by-layer as briefly demonstrated on the examples of bioprinted 

heart tissue as well as connective, intestinal and vascular tissues in the previous 

Chapter 2.3.2. Commonly, cells are suspended in a hydrogel precursor bioink, 

consisting of polysaccharides, such as alginate or hyaluronic acid, or animal-

derived proteins, such as gelatin or collagen, that is deposited as a continuous 
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filament or droplets by pressure-driven extrusion from a printer nozzle.175 Animal-

derived proteins have the advantage that they mimic essential mechanical and 

biochemical properties of the native extracellular matrix (ECM) and thereby provide 

an optimal environment for cells to grow. In combination with a good printability 

and printing resolution, this allows for the fabrication of complex tissues in vitro.176 

However, the properties of animal-derived materials are often difficult to control 

and may differ from batch to batch, which affects their reliability and data 

reproducibility.71 Although gelatin has been used in multiple clinical trials, e.g. to 

treat posterior epistaxis177 or chronic skin ulcers178, these materials still carry 

concerns related to potential disease transfers and immunogenic effects, which 

could increase the risk of graft rejection upon transplantation as well as ethical 

issues.179-181 In this context, bioinks based on synthetic polymers that are approved 

by the Food and Drug Administration (FDA) for clinical use, such as polyethylene 

glycol (PEG), are investigated as alternative materials for bioprinting as they can 

reduce the reliance on animal-derived materials. Yet, they represent only ~10% of 

the currently used bioinks.182 These types of polymers are characterized by their 

high batch-to-batch reproducibility, well-defined structures, functionality, and 

tunability. Over the last years, PEG-based bioinks were extensively used for 3D 

bioprinting of tissue constructs. The most common use of PEG in bioprinting is via 

photopolymerization by free-radical polymerization (FRP) of acrylated or 

methacrylated PEG in combination with a photoinitiator. As PEG is lacking the 

inherent shear-thinning and thermoresponsive properties of natural polymers, 

rendering it non-printable by itself, acrylated or methacrylated PEG is often used 

in combination with natural polymers, such as alginate183, gelatin184, or GelMa.185 

In these examples, the natural polymers are mixed within the PEG bioink and 

become part of the final hydrogel network or are used as temporary filler materials 

for mechanical support during printing after which they can be washed out. 

Alternatively, inorganic fillers, such as nanosilicates, have also been used to render 

PEG bioinks printable.186 These methods have the drawbacks of requiring a 

secondary crosslinking process with potentially harmful free radicals and UV light 

to stabilize the construct, while FRP can suffer from oxygen inhibition.187 

Alternative to photopolymerization, mild radical-free thiol-Michael addition between 

a thiol (SH) and an activated alkene, such as vinyl sulfone (VS), has also been 
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used for extrusion bioprinting of a PEG bioink.184 Here, the authors counteracted 

the inherent non-printability of PEG by pre-crosslinking the hydrogel directly in a 

micro-capillary nozzle and utilizing small molecular weight gelatin fragments to aid 

the extrusion process. While the printing resolution and cell viability achieved were 

high, the printing process is sequential and cannot be applied to continuously print 

large-scale constructs in an automated fashion. 

In contrast to animal-derived bioinks that are inherently degradable and bioactive, 

synthetic materials like PEG are bioinert. Thus, they must be functionalized bottom-

up with degradable moieties and integrin-binding sites, like RGD-based 

oligopeptides, to facilitate cell adhesion and growth, which at the same time allows 

for precise control of the individual hydrogel properties. To render synthetic 

hydrogels degradable in vitro and in vivo, they are commonly crosslinked with 

MMP-sensitive peptides and are thereby degradable on cell demand.77, 151 

Additionally, hydrolytic degradation has been utilized to soften PEG hydrogels by 

integrating ester groups into the polymer network, which, as briefly mentioned in 

Chapter 2.1.1, facilitates the expansion of intestinal stem cells and organoid 

culture.149 However, the cytocompatibility of printed, synthetic constructs is usually 

demonstrated with less sophisticated cell lines, such as L929184 or NIH 3T3 mouse 

fibroblasts188, instead of primary human cell types, which are ultimately needed to 

create functional, physiologically relevant tissues in vitro. On the one hand, 

previous studies with synthetic bioinks have not adequately demonstrated the 

ability to support the formation of cellular constructs as a first step towards tissue 

formation. On the other hand, it has been shown that cells originating from soft 

tissues, such as endothelial cells in co-culture with supporting cells, are able to 

grow pre-vascular structures in soft PEG hydrogels (100-300 Pa), whereas the 

endothelial network formation is diminished as the hydrogel stiffness increases.116, 

161 While microvascular structures formed by endothelial cells are key requirements 

to ensure sufficient oxygen and nutrient supply of the tissue, their sensitivity to 

hydrogel stiffness and the requirement of a soft matrix opposes with the need for 

stiff materials, in the range of kPa, to ensure shape fidelity of the printed 

constructs.189, 190 This contradiction is a significant reason for the limited number of 

available synthetic bioinks that have the right balance between functionality and 

printability.  
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This work aims to bridge the gap between bioprinting and 3D cell culture by 

inducing tissue formation based on cell spheroids consisting of human umbilical 

vein endothelial cells (HUVECs) and normal human dermal fibroblasts (NHDFs) in 

PEG-based 3D printed constructs for the first time. We designed a synthetic bioink 

for extrusion bioprinting that crosslinks via thiol-Michael addition of a four-arm 

PEG-VS and two types of di-thiol crosslinkers that are either MMP-sensitive (HS-

MMPsens-SH) or functionalized with ester groups (HS-Esters-SH) and thereby 

hydrolytically degradable. By adjusting the ratio of HS-MMPsens-SH to HS-Esters-

SH, the rate of cell-laden hydrogel degradation can be tuned. This allows us to 

print stable constructs based on an initially stiffer hydrogel that rapidly softens over 

time to create more space for the cell spheroids to grow. The use of a 3D bioprinter 

equipped with a novel dynamic mixing tool, developed by REGENHU during our 

collaborative EU project OrganTrans, allows for in situ mixing of the PEG bioink 

precursor molecules at low viscosity directly during printing at the correct 

stoichiometric ratio, along with a flush of the mixer after printing to prevent nozzle 

clogging. To overcome the non-shear thinning behavior of a PEG solution, the 

bioink loaded with spheroids is co-bioprinted with sacrificial template materials to 

create cubic constructs that are perfusable after template removal (Figure 3.1). 

 

Figure 3.1: Printing of perfusable PEG-based constructs containing prevascularized 
spheroids. A PEG-based bioink is printed side by side with sacrificial cellulose nanofibril and 
gelatin template inks that keep the shape of the construct during crosslinking of the PEG precursor 
molecules. Moreover, they allow for the formation of perfusable channels after their removal. To 
facilitate the growth of prevascularized spheroids consisting of NHDFs and HUVECs within printed 
constructs, the PEG-based bioink consists of four-arm PEG-VS and two di-thiol crosslinkers that 
are MMP-sensitive (orange; HS-MMPsens-SH) or functionalized with ester groups (pink; HS-
Esters-SH) as well as a RGD oligopeptide (green). 
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3.2 Results and Discussion 

3.2.1 Influence of Hydrogel Composition on Printed Construct 

Stability 

The shape fidelity of printed constructs depends on the polymer concentration and 

crosslinking density of the respective bioink, while cells require a soft matrix to grow 

in. This defines the gap between bioprinting and 3D cell culture in the frame of this 

work. For further demonstration of this gap, we initially culture L929 cells in 

hydrogels with PEG concentrations ranging between 3.4-7 w/v%. Thereby, cells 

are able to grow in 3.4 w/v% PEG hydrogels, which have been used to support the 

growth of mesenchymal stem cells in a previous study191, but remain round in stiffer 

hydrogels (Figure 3.2).  

 
Figure 3.2: Influence of hydrogel stiffness on cell growth. L929 mouse fibroblasts (500 cells/µL) 
are cultured in MMP-sensitive PEG hydrogels with different PEG concentrations ranging from 3.4-
7 w/v% and 30 µM RGD. After 7 days, confocal images of cells stained for F-actin (green) are 
recorded. Scale bars: 200 µm.  

 

For comparison, constructs are printed based on the cell-optimized 3.4 w/v% PEG 

bioink as well as a stiffer 6.5 w/v% PEG bioink. Both bioinks are liquid upon mixing 

of the hydrogel precursors with initial complex viscosities < 0.05 Pa∙s and crosslink 

within two minutes after mixing, shown by sharp increases of the complex viscosity 

and storage moduli. Thereby, 3.4 w/v% PEG hydrogels have a stiffness of 850 Pa 

while 6.5 w/v% PEG hydrogels have a stiffness of 3120 Pa after 30 min at 37 °C 

(Figure 3.3 A-C). Scanning electron microscopy (SEM) images of the formed 

hydrogels at both polymer concentrations show a denser network for the 6.5 w/v% 

PEG hydrogels compared to the 3.4 w/v% PEG hydrogel, correlating with the 

higher stiffness observed for the 6.5 w/v% PEG hydrogel (Figure 3.3 D). The use 
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of the 6.5 w/v% PEG bioink is adapted from a previous bioprinting study that also 

crosslinked four-arm PEG-VS with a linear di-thiol crosslinker via Michael-type 

addition.184 In this study, low molecular weight gelatin fragments were mixed inside 

the PEG bioink to improve the extrudability and shape fidelity of the printed 

filament. In addition, the reported bioink, containing PEG and gelatin fragments, is 

premixed as a single stock solution and aspirated through a capillary nozzle where 

it crosslinks for 5 min at 37 °C before extrusion. While this process affords 

filaments with great shape fidelity, the sequential nature of the process limits it to 

the printing of filaments whose length is equal to that of the capillary. The printing 

of additional filaments requires the use of several pre-loaded capillaries with 

manual interchanging, overall limiting the maximum size of the printed constructs. 

As all the hydrogel precursors are mixed prior to printing, the stock solution has a 

lifespan of only several minutes before it starts clogging in the capillary. Using our 

novel mixing chip and nozzle, developed by REGENHU, it is possible to 

continuously create stable constructs for both tested PEG concentrations when 

alternating lines of the PEG bioink and a sacrificial gelatin template are printed 

(Figure 3.3 E, F). Due to its reversible thermal gelation properties, gelatin is used 

here as sacrificial template and co-printed with the bioink on a cooled print bed 

(15 °C) to serve as a temporary mold for the liquid PEG bioink while it is 

crosslinking within minutes after mixing and printing. As mentioned in Chapter 

2.2.2, this method of void-free bioprinting introduced by Ouyang et al. expands the 

scope of potential bioinks for extrusion bioprinting by enabling the printing of liquid, 

slowly crosslinking bioinks, while allowing for precise layer stacking up to 

centimeter-size constructs.102 After removal of the gelatin template during 

incubation at 37 °C, the formation of hollow tubular networks throughout the 

constructs is obtained for both tested PEG concentrations that can be perfused 

with a red dye. Yet, while 6.5 w/v% PEG constructs are stable after gelatin removal, 

the 3.4 w/v% PEG constructs do not retain their initial shape and collapse (Figure 

3.3 G). These results show that stiffer bioinks have to be printed to form stable 

constructs that can be handled post-printing. 
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Figure 3.3: Mechanical properties, printability and shape fidelity depending on PEG 
concentration. A) Storage and loss moduli as well as complex viscosity of 3.4 and 6.5 w/v% PEG 
precursor solutions and formed hydrogels as a function of time. A representative measurement is 
shown for each condition with similar results observed across three independent replicates (n = 3). 
Storage modulus (B) and complex viscosity at t = 0 s (C) of 3.4 and 6.5 w/v% PEG hydrogels at 
37 °C. Box plots present mean ± SD with n = 3 per condition (error bar = min-max values, hollow 
square = mean value, horizontal line = median). P values are calculated using one-way ANOVA 
with post-hoc Tukey test, *p < 0.05, **p < 0.01, ***p < 0.001. D) Scanning electron microscope 
(SEM) images of 3.4 (I, II) and 6.5 w/v% (III, IV) PEG hydrogels. Scale bars: I, III) 1 mm; II, IV) 
250 µm. Macroscopic (E) and microscopic (F) images of printed constructs (13 layers) with 3.4 and 
6.5 w/v% PEG and gelatin strands after printing. Scale bars: 5 mm (E) and 1 mm (F). G) 
Macroscopic images of printed constructs with 3.4 and 6.5 w/v% PEG after overnight incubation at 
37 °C that are dyed with red ink to visualize open channels within the constructs. Scale bars: 5 mm. 

 

Attempting to grow vascular networks, HUVECs and NHDFs are co-cultured in 

PEG hydrogels that are fully crosslinked via bis-cysteine peptides with the 

commonly used MMP-sensitive sequence GPQG↓IWGQ77 to render the gels 

degradable on cell demand. In manually pipetted hydrogels modified with 0.6 mM 

RGD, extensive network formation is observed when the cells are cultured in 

2 w/v% PEG hydrogels (G’ ~ 300 Pa151), while only a few elongated structures are 

observed in 2.5 w/v% PEG hydrogels (G’ ~ 550 Pa151) (Figure 3.4 A). To 

compensate for the increased stiffness, we sought to adjust the degradation rate 

of PEG hydrogels by combining the MMP-sensitive peptide crosslinker (HS-

MMPsens-SH) with a second, ester functionalized PEG crosslinker (HS-Esters-

SH) that hydrolytically degrades over time. Proof-of-concept experiments indeed 
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show that this crosslinker combination facilitates cell growth by creating more 

space for the cells to grow. A ratio of 70% HS-MMPsens-SH/30% HS-Esters-SH 

in the 2.5 w/v% PEG hydrogels facilitates cellular network formation that is similar 

to the extent of cell growth in softer 2 w/v% PEG hydrogels (Figure 3.4 B).  

 

Figure 3.4: Growth of HUVECs and NHDFs encapsulated as single cells in soft PEG 
hydrogels. HUVECs and NHDFs are co-cultured in a 1:1 ratio with 5,700 cells/µl in 2 and 2.5 w/v% 
PEG hydrogels with 100% HS-MMPsens-SH (A) or 70% HS-MMPsens-SH/30% HS-Esters-SH (B). 
Brightfield images are recorded after 14 days of culture. Scale bars: 200 µm. 

 

Anticipating that tuning the hydrogel degradation would then be eminently 

necessary for the stiffer 6.5 w/v% PEG hydrogels that show superior shape 

retention properties after bioprinting compared to their softer counterparts, the 

influence of different crosslinker ratios on the mechanical properties as well as 

hydrogel softening over time is investigated (Figure 3.5). Thereby, the fraction of 

HS-Esters-SH is limited to 30% as the hydrogels start to fully degrade over a time 

span of 4 days when a higher fraction of HS-Esters-SH is used. The storage moduli 

of the 6.5 w/v% PEG hydrogels are in the range of 3 kPa for all tested conditions. 

By increasing the HS-Esters-SH fraction from 0 to 30%, the hydrogel stiffness only 

slightly decreases without significant variations (Figure 3.5 A). The influence of the 

HS-Esters-SH fraction on hydrogel softening is monitored via nanoindentation over 

a period of 14 days when incubated in PBS at pH 7.4 and 37 °C (Figure 3.5 B). 

While fully ester-degradable hydrogels completely degrade within 7 days, the 

stiffness of 100% MMP-degradable hydrogels fluctuates in a range of 90-112% of 

their initial stiffness. For variable fractions of HS-Esters-SH, hydrogels lose about 

35% of their initial stiffness in conditions with 10% HS-Esters-SH, 48% with 20% 

HS-Esters-SH, and 66% with 30% HS-Esters-SH after 14 days. This trend 

inversely correlates with the swelling behavior of the hydrogels as hydrogels with 

20-30% HS-Esters-SH both gain about 330% of their initial weight (Figure 3.5 C). 

Moreover, the swelling experiments reveal that hydrogels with increasing HS-
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Esters-SH fraction swell more within the first 30 min after hydrogel crosslinking and 

subsequent incubation in PBS. For example, fully ester-degradable hydrogels gain 

about 240%, while 100% MMP-degradable hydrogels gain about 155% of their 

initial weight in that period. As this difference cannot be attributed to ester 

hydrolysis yet, it may be caused by the different chemical structure of the 

crosslinkers. Compared to the linear backbone of HS-Esters-SH, HS-MMPsens-

SH is an oligopeptide consisting of amino acids with additional side chains, which 

could restrict hydrogel swelling due to peptide-peptide chain interactions. 

Moreover, as both crosslinkers are designed to have the same molecular weight 

of about 1.7 kDa, HS-MMPsens-SH is shorter than HS-Esters-SH in uncoiled state 

due to the presence of more bulky amino acids, leading to a limited swelling 

potential. To study the influence of ester degradation on shape fidelity, large 

centimeter-size constructs with different HS-MMPsens-SH/HS-Esters-SH ratios 

are printed (Figure 3.5 D). Before degradation, all constructs printed with HS-

Esters-SH fractions varying between 0-30% have similar dimensions, are 

indistinguishable from each other, and able to support their own weight. After 

hydrolytic degradation in PBS adjusted to pH 9 at 37 °C, complete degradation of 

the 100% HS-Esters-SH construct is observed, while the 100% HS-MMPsens-SH 

construct keeps its cubic shape and does not collapse. Increasing the fraction of 

HS-Esters-SH results in constructs that show increasing level of swelling and 

collapse, as shown by a widening of the base compared to the top of the construct 

and a twisting effect. This causes 30% HS-Esters-SH constructs to collapse, 

similar to the softer 3.4 w/v% printed constructs after removal of the sacrificial 

template (Figure 3.5 D, dashed square box). As both these constructs are very 

fragile and difficult to handle, the 10% and 20% HS-Esters-SH conditions are 

chosen to achieve the right balance between construct shape fidelity and hydrogel 

softening for further studies with cell-laden hydrogels.  
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Figure 3.5: Influence of ester degradation on hydrogel softening and shape fidelity of printed 
constructs. A) Storage modulus of 6.5 w/v% PEG hydrogels with different ratios of HS-MMPsens-
SH (MMP)/HS-Esters-SH (Ester). Box plots present mean ± SD with n = 3 per condition (error 
bar = min-max values, hollow square = mean value, horizontal line = median). P values are 
calculated using one-way ANOVA with post-hoc Tukey test, *p < 0.05, **p < 0.01, ***p < 0.001. B) 
Normalized Effective Young’s moduli of 6.5 w/v% PEG hydrogels with different ratios of HS-
MMPsens-SH/HS-Esters-SH monitored over a period of 14 days via nanoindentation. Data is 
presented as mean ± SD with n = 75 per condition. C) Swelling of 6.5 w/v% PEG hydrogels with 
different ratios of HS-MMPsens-SH/HS-Esters-SH, quantified as normalized hydrogel weight to the 
initial weight after hydrogel formation. Data is presented as mean ± SD with n = 3 per condition. D) 
Shape fidelity of printed constructs (25 layers) before and after hydrolytic degradation depending 
on HS-MMPsens-SH/HS-Esters-SH ratio. Dashed square boxes show constructs made with 
3.4 w/v% PEG. Scale bar: 1 cm.  
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3.2.2 Influence of Hydrogel and Spheroid Composition on 

Spheroid Sprouting 

Following up on initial experiments to grow vascular networks, HUVECs and 

NHDFs are co-cultured in stiffer hydrogels to close the stiffness gap between the 

requirements for 3D cell culture and bioprinting. However, limited cell growth is 

observed in 3.4 w/v% PEG hydrogels with adjusted crosslinker ratios. 

Nevertheless, elongated structures of both cell types are forming in areas with 

densely crowded cells, likely due to locally higher levels of MMPs and growth 

factors secreted by the cells (Figure 3.6).  

 

Figure 3.6: Growth of HUVECs and NHDFs encapsulated as single cells in 3.4 w/v% PEG 
hydrogels. HUVECs (green) and NHDFs (red) that are pre-stained with Vybrant DiO (green) and 
DiI (red) are cultured in a 1:1 ratio with 5,700 cells/µL in 3.4 w/v% PEG hydrogels with 100% HS-
MMPsens-SH (MMP) as well as 70% HS-MMPsens-SH/30% HS-Esters-SH (Ester). Confocal 
images are recorded after 14 days of culture. Scale bars: 200 µm.  

 

Given this observation, spheroids are used instead to start from local high cell 

concentrations. The spheroids are formed via hanging drop cultivation and tested 

to improve cell growth in the stiffer, 6.5 w/v% PEG hydrogels used for 3D 

bioprinting. Cultivation of spheroids consisting of 1000 cells/spheroid at a 

1 HUVEC/3 NHDFs ratio, which was optimized to support the formation of vascular 

structures in ultrasoft PEG hydrogels161, results in cellular outgrowth from the 

spheroids with endothelial sprout formation as indicated by CD31 staining (Figure 

3.7 A). While endothelial sprouting is observed in all tested conditions ranging from 

0-20% HS-Esters-SH, the overall spheroid sprouting and sprout density is 

significantly enhanced by increasing the fraction of HS-Esters-SH, which is shown 

by elevated cell infiltration and longer sprout lengths (Figure 3.7 B). As 

hypothesized, accelerated hydrogel softening via ester degradation improves the 
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growth of spheroids within 6.5 w/v% PEG hydrogels. For this reason, 6.5 w/v% 

PEG hydrogels with a crosslinker combination of 20% HS-Esters-SH and 80% HS-

MMPsens-SH are used for further experiments. 

 

Figure 3.7: Influence of PEG hydrogel softening by ester degradation on spheroid sprouting. 
Spheroids consisting of 1 HUVECs/3 NHDFs are cultured in 6.5 w/v% PEG hydrogels with different 
HS-MMPsens-SH (MMP)/HS-Esters-SH (Ester) ratios. A) Confocal images of spheroids stained for 
F-actin (cyan) and CD31 (magenta) after 14 days in culture. Scale bars: 200 µm. B) Quantification 
of average cell infiltration (n = 6) and sprout length (n ≥ 27) of spheroids depending on the fraction 
of HS-Esters-SH. Box plots present mean ± SD (error bar = min-max values, hollow square = mean 
value, horizontal line = median). P values are calculated using one-way ANOVA with post-hoc 
Tukey test, *p < 0.05, **p < 0.01, ***p < 0.001. 

 

In addition to the influence of the hydrogel composition, the influence of the 

spheroid composition on spheroid sprouting is investigated by varying the 

HUVEC/NHDF ratio in a range of 1:10 to 10:1. In native tissues, the endothelial to 

mural cell ratios is commonly between 1:1 and 10:1.192 Spheroids consisting of 

1 HUVEC/10 NHDFs hardly sprout and are characterized by large spheroid cores. 

When the HUVEC fraction is increased, the cores become smaller while the overall 

sprouting is improved (Figure 3.8 A). Both, cell infiltration and sprout length 

gradually increase inside the hydrogel with larger HUVEC fractions (Figure 3.8 B). 

Moreover, endothelial outgrowth from the spheroids is observed with multicellular 

endothelial sprouts forming in all tested conditions except for 10 HUVECs/1 NHDF. 

In this case, the cell sprouts only consist of fibroblasts while HUVECs migrate as 
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single cells. Previous studies have demonstrated that 3D cell migration is 

depending on the matrix degradability and degradation rate, where a fast matrix 

degradation can trigger the switch from collective to single cell migration.193 Since 

we use the same crosslinker ratio for all conditions (20% HS-Esters-SH/80% HS-

MMPsens-SH) in these experiments, this indicates that the matrix degradation may 

be accelerated in conditions with larger HUVEC fraction. 

 

Figure 3.8: Influence of cell ratios on spheroid sprouting. Spheroids consisting of HUVECs (H) 
and NHDFs (N) in ratios ranging from 10:1 to 1:10 are cultured in 6.5 w/v% PEG hydrogels with 
80% HS-MMPsens-SH/20% HS-Esters-SH. A) Confocal images of spheroids stained for F-actin 
(cyan) and CD31 (magenta) after 14 days of culture. Scale bars: 200 µm. B) Quantification of the 
cell infiltration (n = 12) and sprout length (n ≥ 58) depending on the cell ratio. Box plots present 
mean ± SD (error bar = min-max values, hollow square = mean value, horizontal line = median). P 
values are calculated using one-way ANOVA with post-hoc Tukey test, *p < 0.05, **p < 0.01, 
***p < 0.001. 

 

To test this hypothesis and the influence of HUVECs on overall cell sprouting, 

spheroids consisting of NHDFs only are cultured with HUVEC-conditioned media. 

Compared to controls that are cultivated with NHDF-conditioned as well as 

unconditioned endothelial cell growth medium 2 (EGM-2), the spheroids show 

superior sprouting when cultured with the HUVEC-conditioned media (Figure 3.9). 

While in vitro vascular structure formation is typically optimized by adjusting the 

type and ratio of supporting cells to maximize endothelial sprouting161, this 

observation highlights a mutually supportive cellular interaction. This suggests that 

(growth) factors secreted by HUVECs promote NHDF invasiveness, which is 

known to happen for tumor cells.194 In addition to the presence of ester groups to 

accelerate hydrogel degradation, adjusting the cell ratio thus represents another 
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strategy to promote cellular invasiveness and improve overall cell growth in less 

favorable cellular environments.  

 

Figure 3.9: Effect of HUVEC-conditioned media on NHDF growth. Spheroids consisting of 
1000 NHDFs/spheroid are cultured in 6.5 w/v% PEG hydrogels with 80% HS-MMPsens-SH/20% 
HS-Esters-SH. The spheroids are cultured with unconditioned EGM-2 media or EGM-2 media that 
is conditioned by previous cultivation of NHDFs (middle) or HUVECs (right). Brightfield images are 
recorded after 6 days of culture. Scale bars: 200 µm.  

 

3.2.3 Printing Process with Spheroids in PEG Bioink 

Bioprinting of larger constructs with spheroids introduces new challenges 

compared to the previous experiments where 15 µL hydrogel droplets are manually 

prepared. As the number of spheroids needs to be sufficiently high in the much 

larger volume of bioink (360 µL of PEG bioink per printed construct) to support the 

connection and fusion of spheroids and tissue formation, uniform spheroids 

(3 HUVECs/1 NHDF) with sizes of 124 ± 25 µm (n = 400) are now produced in 

ultra-low attachment well plates that allow for the formation of > 20 000 spheroids 

within 24 h per well (Figure 3.10). 

 

Figure 3.10: Spheroid formation on Sphericalplate 5D®. Formation of uniform spheroids on the 
Sphericalplate 5D® with a 3 HUVECs/1 NHDF ratio and 1000 cells/spheroid after 24 h of incubation 
at 37 °C and 5% CO2. Scale bars: 1 mm.  
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The printed spheroid density is 6000 spheroids/mL of PEG bioink, compared to 

500 spheroids/mL in case of PEG hydrogel droplets. So far, slowly crosslinking 

bioinks remain poorly suited for cell-laden biofabrication applications due to their 

inability to prevent gravity-induced sedimentation of the cells in both, the ink 

reservoir and the printed constructs while the bioink is still liquid. While the hydrogel 

droplets can be manually flipped after casting to sufficiently prevent spheroid 

sedimentation, spheroids have been observed to accumulate at the bottom plane 

of the printed constructs during bioprinting (Figure 3.11 A). To overcome this 

challenge and prevent spheroid sedimentation, OptiprepTM is added to the bioink 

as a density enhancer. OptiprepTM is commonly used as density gradient medium 

for isolation and purification of cells195 or organelles196 and has also been employed 

to prevent cell sedimentation during microfluidics.197 An optimized concentration of 

20 v/v% OptiprepTM efficiently prevents spheroid sedimentation in the bioink 

without significantly affecting the hydrogel stiffness (Figure 3.11 B). This way, it is 

possible to print constructs with evenly distributed spheroids throughout the whole 

construct (Figure 3.11 C). Moreover, the viability of spheroids within the constructs 

directly after printing and after 7 days of culture is assessed (Figure 3.11 D). At 

both time points, the cell viability ranges between 75-90%, which indicates that the 

shear stress during bioprinting as well as the cultivation of high spheroid densities 

over 7 days does not adversely affect the cell viability. Confocal images of cellular 

constructs stained for F-actin and CD31 show extensive growth and fusion of the 

spheroids as well as sprout anastomosis (Figure 3.11 E). Thereby, the network 

formation between the spheroids resembles the initial printing pattern. Since cells 

commonly grow along the path of lowest resistance, the cells growth through the 

hydrogel towards the channels left behind after gelatin removal and spread along 

their inner lumen. Due to the increased spheroid density compared to the 

previously prepared hydrogel droplets, the spheroids interconnect, which is 

important to create larger tissue constructs based on spheroid building blocks. 

These results pave the way for future implantation as the constructs are still 

handleable for transplantation, contain open channels that can be infiltrated by the 

host vasculature, and are primed for integration with the host tissue due to formed 

cellular networks during in vitro pre-cultivation. 
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Figure 3.11: Printing of constructs with spheroids. A) Brightfield images of spheroids in printed 
6.5 w/v% PEG constructs with 20 v/v% OptiprepTM to avoid spheroid sedimentation. Scale bars: 
1 mm. B) Storage modulus of 6.5 w/v% PEG hydrogels with 80% HS-MMPsens-SH/20% HS-
Esters-SH as well as with or without 20 w/v% OptiprepTM. Box plots present mean ± SD with n = 4 
per condition (error bar = min-max values, hollow square = mean value, horizontal line = median). 
P values are calculated using one-way ANOVA with post-hoc Tukey test, *p < 0.05, **p < 0.01, 
***p < 0.001. C) Macroscopic images of printed 6.5 w/v% PEG constructs with 20 v/v% OptiprepTM 
and distributed spheroids before removal of the sacrificial template. Scale bars = 5 mm. D) Viability 
of spheroids within printed constructs on day 0 and day 7 after printing. Scale bars: 200 µm. E) 
Network formation of spheroids within printed constructs (I) including the fusion of spheroids (II), 
stained for F-actin (cyan) and CD31 (magenta). Scale bars: I) 1 mm; II) 200 µm. 
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3.3 Conclusion 

In contrast to commonly used animal-derived bioinks, our work demonstrates the 

development of a PEG-based bioink to bioprint 3D perfusable constructs with high 

shape fidelity that support the growth and fusion of spheroids consisting of both 

HUVECs and NHDFs. On the one hand, 3D cell growth and cell-cell interactions 

inside bulk synthetic hydrogels usually demand an environment that provides 

sufficient space for cells to grow, which is commonly achieved by a low polymer 

concentration resulting in soft hydrogels. However, these gels have poor shape 

retention and are difficult to handle. On the other hand, bioprinting necessitates 

structural fidelity to achieve precise architecture, which is provided by stiffer 

hydrogels. This presents a challenge in reconciling these divergent requirements, 

which has not been sufficiently addressed in previous works on synthetic bioinks. 

To overcome this limitation, we utilize ester hydrolysis to accelerate the softening 

of initially stiffer hydrogel constructs and to locally promote the creation of more 

space for cells to grow, while keeping the shape of the construct. The bioprinting 

of very low viscosity PEG-based bioinks with dispersed spheroids is achieved by 

co-printing sacrificial template materials and mixing OptiprepTM inside the bioink to 

acquire stable millimeter-scale 3D perfusable constructs and prevent spheroid 

sedimentation, respectively. This technique enables that with the optimized 

HUVEC/NHDF ratio of 3:1, a high overall cell invasiveness is achieved. This way, 

we show that 3D cell culture and bioprinting based on FDA-approved, PEG-based 

bioinks can be synergized to fabricate large tissue constructs and may lay the 

foundation for future applications of engineered tissues in the clinic. 
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3.4 Materials and Methods 

3.4.1 Synthesis of Ester-Functionalized Di-Thiol PEG 

Crosslinkers 

An ester-functionalized di-thiol PEG crosslinker (HS-Esters-SH) is prepared 

according to the literature.198 Briefly, 1500 Da linear difunctional PEG-OH (5 g, 

6.67 mmol of OH groups, Sigma-Aldrich), 3-mercaptopropionic acid (2.12 g, 20 

mmol, Sigma-Aldrich) and p-toluenesulfonic acid (32 mg, 0.025 eq., Sigma-

Aldrich) are added to cyclohexane (100 mL, VWR Chemicals) in a round bottom 

flask equipped with a Dean Stark apparatus. The mixture is heated to 100 °C under 

vigorous stirring for 24 h, during which the Dean Stark is emptied twice. After 

cooling to room temperature (RT), dichloromethane (50 mL) is added and the clear 

solution is washed with NaHCO3 sat. solution (2x15 mL), brine (15 mL) and dried 

over MgSO4. The solid is removed by filtration and the solution is concentrated until 

a viscous oil is obtained. The resulting oil is precipitated by dropwise addition in 

excess cold (-20 °C) diethyl ether and the final product is isolated as a white 

powder (isolated yield = 70%). 1H NMR (CDCl3, 400 MHz): δ (ppm) = 4.26 (4H, m, 

-CH2CH2OC(O)-), 3.64 (133H, br), (CH2CH2O)n), 2.77 (4H, m, -CH2CH2SH), 2.68 

(4H, m, -CH2CH2SH), 1.68 (2H, t, SH). 

 

3.4.2 Preparation of Hydrogel Precursors and Hydrogel Formation 

Four-arm PEG-VS (20 kDa, Creative PEGWorks) and di-thiol crosslinkers are 

dissolved in Dulbecco’s modified Eagle medium (DMEM, Gibco) that is 

supplemented with 10% fetal calf serum (FCS, Biowest) and 1% antibiotic-

antimycotic (ABM, Gibco). PEG-VS and crosslinker solutions are mixed in 

equimolar ratios and incubated at 37 °C for 30 min to form hydrogels via Michael-

type addition. To render the hydrogels enzymatically and hydrolytically degradable, 

two different crosslinkers are combined: MMP-sensitive peptide with terminal 

cysteines (HS-MMPsens-SH, GCREGPQGIWGQERCG, 1774 Da, GenScript) that 

can be cleaved on cell-demand and an ester-functionalized HS-Esters-SH 

(1.7 kDa). 
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3.4.3 Rheological Characterization of Hydrogels 

For rheological measurements, a Discovery HR 3 hybrid rheometer with a 20 mm 

cone-plate (2°) geometry is used. Hydrogel mixtures with a volume of 74 μL are 

pipetted on the rheometer plate which is heated to 37 °C. Time-dependent 

measurements are performed for 30 min at a frequency of 1 Hz, an oscillation 

strain of 1% and a gap size of 51 μm with triplicates per condition. 

 

3.4.4 Scanning Electron Microscopy of the Hydrogels 

3.4 and 6.5 w/v% PEG hydrogels are prepared. After crosslinking, the hydrogels 

are incubated in water to reach equilibrium swelling and subsequently lyophilized. 

Lyophilized samples are sputtered with platinum and microscopy imaging is 

performed with a Hitachi SU 5000 Field Emission Scanning Electron Microscope. 

 

3.4.5 Quantification of Hydrogel Softening via Nanoindentation 

Flat disk-shaped hydrogels with a volume of 45 μL are formed in printed pluronic 

rings that have a radius of 4 mm and a height of 1.2 mm. After crosslinking of the 

hydrogels, the pluronic is removed by washing with cold PBS. The hydrogels are 

incubated in PBS + 1% ABM at 37 °C. To determine the hydrogel softening over a 

period of 14 days, the high-throughput mechanical screening platform Pavone 

(Optics11 Life) is used. Indentation measurements are performed at different time 

points using a cantilever-based probe with a spherical tip radius of 53 μm and a 

stiffness of 0.21 N/m. The indentation-depth is 8 μm. Per hydrogel, an automated 

matrix scan is configured to obtain the mechanical properties of a 5×5 grid. All 

measurements are performed at RT with triplicates per condition. 

 

3.4.6 Evaluation of Hydrogel Swelling 

Flat, disk-shaped hydrogels with a volume of 45 μL are formed in printed pluronic 

rings. After crosslinking of the hydrogels, the pluronic is removed by washing with 

cold PBS. The hydrogels are incubated in PBS + 1% ABM at 37 °C. To determine 
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the hydrogel swelling, individual hydrogels are weighed at different time points over 

a period of 14 days. Triplicates are prepared per condition. 

 

3.4.7 Cell Culture 

Human umbilical vein endothelial cells (HUVECs, Lonza) are cultured in tissue 

culture flasks with endothelial cell growth medium 2 (EGM-2, Promocell) 

supplemented with 1% antibiotic-antimycotic (ABM, Gibco) up to passage 6. 

Normal human dermal fibroblasts (NHDFs, Promocell) are cultured in tissue culture 

flasks with DMEM supplemented with 10% FCS and 1% ABM up to passage 8. 

Both cell types are cultured at 37 °C with 5% CO2 according to standards protocols. 

 

3.4.8 Cultivation of Cell Spheroids in Hydrogels 

Cell spheroids consisting of 1000 cells/spheroid are formed in hanging drops. 

Briefly, HUVECs and NHDFs are suspended in DMEM with 10% FCS and 1% ABM 

in different ratios. Cell suspensions are then mixed with 20% Methocel (1.2 w/v% 

methyl cellulose (4000 cP, Sigma) in DMEM) and 30 μL droplets are formed on 

petri dishes that are incubated overnight at 37 °C and 5% CO2 to allow for spheroid 

formation. Afterwards, spheroids are harvested and mixed with hydrogel 

components at a concentration of 0.5 spheroids/μL. To promote cell growth, PEG-

VS is pre-incubated with GRGDSPC (690.7 Da, CPC Scientific) at a final 

concentration of 0.6 mM before crosslinkers are added in different ratios to render 

the hydrogels hydrolytically and enzymatically degradable. Finally, 15 μL hydrogel 

droplets are casted on 8-well ibidi slides and allowed to crosslink for 30 min before 

adding 300 μL EGM-2 and cultivation at 37 °C and 5% CO2 with medium changes 

every 2-3 days. To investigate the influence of HUVEC- or NHDF-conditioned 

media on NHDF spheroid sprouting, EGM-2 is conditioned by incubation with 

HUVECs or NHDFs for 24 h before spheroid cultivation. 
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3.4.9 Immunofluorescence Staining and Imaging 

After 14 days of culture, the cell culture media is removed from the hydrogel 

samples, followed by washing with PBS for 30 min and fixing with 4% 

paraformaldehyde solution (PFA, AppliChem) for 50 min at RT. After washing twice 

with PBS, the samples are incubated with 0.1% Triton X-100 (Sigma Aldrich) 

solution in PBS for 20 min for cell membrane permeabilization, followed by three 

more PBS washing steps. Afterwards, the samples are blocked by incubating with 

4% bovine serum albumin (BSA, SEQENS) solution in PBS for 4 h. This is followed 

by incubation with a monoclonal mouse anti-human CD31/PECAM-1 antibody 

(Bio-Techne, 1:200) in 1% BSA in PBS solution overnight at 4 °C. After washing 

with PBS thrice, 30 min each, the samples are incubated with Alexa Fluor 555 goat 

anti-mouse antibody (Invitrogen, 1:200) and Phalloidin-iFluor 405 (abcam, 1:1000) 

in PBS for 4 h at RT. After washing twice with PBS, the samples are stored in PBS 

at 4 °C. Alternatively, cells are pre-stained with carbocyanine dyes DiO and DiI 

(VybrantTM Cell-Labeling Solutions, Molecular Probes) by adding 5 μL cell labeling 

solution per mL of cell suspension with a concentration of 1∙106 cells/mL, followed 

by incubation at 37 °C. Afterwards, the cell suspensions are washed three times 

with serum-free DMEM before cell encapsulation in PEG hydrogels. The samples 

are imaged using a Leica SP8 Tandem Confocal microscope using an air objective 

of 10×/0.3 NA. Z-stacks of up to 500 μm thickness were obtained for each sample. 

For excitation at 405 nm and 561 nm, the microscope is equipped with a diode 405 

and DPSS 561 laser. HyD detectors with CS2 UV Optics 1 filters are used to detect 

the resulting emission. Tile scan images of spheroid growth in printed constructs 

are additionally recorded using an Opera Phenix Plus High-Content Screening 

System with a 10×/0.3 NA air objective. 

 

3.4.10 Printing of Constructs with PEG Bioink and Sacrificial 

Gelatin Scaffold 

Constructs are printed using a R-GEN 200 3D bioprinter (REGENHU, Switzerland) 

mounted with a volumetric printhead for sacrificial material (gelatin in DMEM at 

7.5 w/v%) dispensing and a dynamic formulation printhead equipped with a 

cartridge containing the PEG-VS solution at 20 w/v% in DMEM (cartridge 1), a 
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cartridge containing the HS-MMPsens-SH and HS-Esters-SH crosslinker solution 

at 3 w/v% in DMEM (cartridge 2), a cartridge containing DMEM (cartridge 3), and 

a cartridge containing sterile Milli-Q water (cartridge 4) used for flushing. The ratios 

of cartridge 1, 2, and 3 are adjusted to print either a 3.4 w/v% or a 6.5 w/v% 

construct according to the same design and printing parameters. Cartridges 1 and 

2 are maintained at 15 °C, the cartridge containing the sacrificial material is 

maintained at 27 °C, and the print bed is maintained at 15 °C during the entire 

printing process. The sacrificial material is printed at a speed of 12 mm/s with a 

G23 nozzle. The bioink is printed at a speed of 10 mm/s with a G22 nozzle. The 

construct is designed using the integrated SHAPER software (REGENHU, 

Switzerland). Briefly, a layer of sacrificial template is printed first. The bioink is then 

extruded in between the struts of the sacrificial scaffold. The process is repeated 

for 13 or 25 layers of 200 μm each with alternating layers of channels in the 

horizontal and vertical direction to achieve a final height of 2.5 or 5 mm. After 

printing, the construct is left to crosslink at RT for at least another 30 min. The 

sacrificial material is then removed by incubation at 37 °C. 

 

3.4.11 Printing and Degradation of Constructs with Different 

Crosslinker Ratios 

Constructs are printed as previously described. The ratios of HS-MMPsens-SH and 

HS-Esters-SH crosslinkers are directly adjusted in cartridge 2 at the desired ratio. 

After printing and scaffold removal, the constructs are imaged using a Keyence 

VHX-7000 digital microscope and the channel interconnectivity is verified by 

perfusing red food dye. For accelerated hydrolytic crosslinker degradation, the 

constructs were incubated in PBS adjusted to pH 9 for 3 days at 37 °C. The 

constructs are then imaged again. 

 

3.4.13 Printing of Constructs with Live Cell Spheroids 

Cell spheroids consisting of 1000 cells/spheroid are formed using the 

Sphericalplate 5D® in 6-well format (Kugelmeiers Ltd, Erlenbach). Per well, which 

contains 3364 microwells for spheroid formation, 1.5 mL of HUVEC and 0.5 mL of 
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NHDF suspensions in EGM-2, each with a concentration of 1 682 000 cells/mL, 

are added and centrifuged at 150 g for 3 min at RT to force the cells into the 

microwells. After 24 h of incubation at 37 °C and 5% CO2, spheroids are harvested 

by repetitive pipetting and suspended in PEG-VS solution in DMEM (with 20 v/v% 

OptiprepTM) to a concentration of 20,184 spheroids/mL, which is subsequently 

used for bioprinting. 3D bioprinting is adapted for printing with live spheroids and 

otherwise performed as described previously. Briefly, all cartridges, nozzles and 

tubings are sterilized with gamma radiation. Gelatin is sterilized by exposure to UV 

light for 1 h. The 3D bioprinter is sterilized prior to use using the built-in germicide 

UV lamp for 1 h. All stock solutions and cartridge filling are performed in a laminar 

flow hood. Cartridge 1 is filled with a suspension of spheroids 

(20 184 spheroids/mL) in 20 w/v% PEG-VS in DMEM with 20 v/v% OptiprepTM and 

a solution of GRGDSPC (21.91 mg/mL) in DMEM with 20 v/v% OptiprepTM in a 9:1 

volume ratio. Cartridge 2 is filled with a solution of HS-MMPsens-SH crosslinker 

(3 w/v%) and HS-Esters-SH crosslinker (3 w/v%) in DMEM with 20 v/v% 

OptiprepTM in an 8:2 volume ratio. Cartridge 3 is filled with DMEM with 20 v/v% 

OptiprepTM. To achieve the final hydrogel composition, cartridges 1, 2, and 3 are 

mixed in a 29.2:31.8:39.0 ratio in the dynamic dispensing tool. After printing, the 

constructs are allowed to further crosslink at RT for 30 min. Gelatin is removed by 

incubating (37 °C, 5% CO2) the construct and subsequent washes with DMEM. 

Constructs are then incubated (37 °C, 5% CO2) for 7 days. Spheroid viability is 

evaluated by sacrificing one construct after printing (day 0) and after 7 days by 

LIVE/DEAD assay and quantified by determining the mean gray value of live and 

dead cells. 

 

3.4.14 Statistical Analysis 

Each experiment is performed with n ≥ 3. Statistical analysis of the data is 

conducted in OriginPro 2020 using a one-way ANOVA. Pair comparisons are 

performed using Tukey’s method, where p-values below 0.05 are considered as 

significant differences (*p < 0.05; **p < 0.01; ***p < 0.001). 
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4 Engineering Vascular Structures by Fusion of 

Prevascularized Spheroids 

Daniel Günther, Johannes Hahn, Si-Ting Wu, Ramin Nasehi, Mieke Dewerchin, 

Horst Fischer, Laura De Laporte 

4.1 Introduction 

In Chapter 3, prevascularized spheroids consisting of HUVECs and NHDFs were 

introduced as building blocks for bioprinting. These spheroids can fuse with 

neighboring spheroids into larger structures, which is an important requirement to 

grow large and dense tissue constructs in the future. Yet, the implementation of a 

vascular network is essential to ensure the sustained supply of nutrients and 

oxygen to the cells within the fabricated constructs. While the presented spheroids 

supported endothelial sprouting in PEG-based bioinks as a first step towards the 

formation of vascular structures, the sprouts did not exhibit a central lumen, which 

is characteristic for functional vasculature. Rather than relying on endothelial 

sprouting for lumen formation, previous studies have demonstrated that spheroids 

can reorganize into multi-luminal structures, utilizing the spheroids themselves as 

vascular building blocks. In prevascularized spheroids that are cultured in Matrigel 

or gelatin hydrogels and contain HUVECs, fibroblasts, and mesenchymal stem 

cells in a ratio of 1:4.5:4.5, HUVECs can form multiple capillary-like structures 

within the spheroid core, which may connect upon spheroid fusion.165, 166 While 

these studies show the potential of prevascularized spheroids for vascular tissue 

engineering by demonstrating the formation of multiple small lumens and the fusion 

of limited numbers of spheroids, it remains uncertain whether this approach can 

support the formation of functional, long-scale vascular structures with a 

continuous lumen. Alternatively, engineered vascular structures with a continuous 

lumen can be fabricated using sacrificial bioinks that support in situ 

endothelialization102, 167 or by pre-forming channels coated with endothelial 

cells.193, 199 These approaches facilitate the formation of artificial blood vessels and 

sprouting of luminal capillaries originating from the engineered vessel, but they are 

labor-intensive, time-consuming, and therefore difficult to scale. Thus, we 

investigate in this work if our prevascularized spheroids could autonomously 

reorganize into luminal structures with the potential to fuse and build continuous 
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vascular channels. Since this process would entirely rely on cellular self-

organization, it could offer a scalable strategy to fabricate vascular structures in 

larger tissue constructs and could be integrated into high-throughput applications. 

Based on our investigation of the influence of spheroid composition on cellular 

sprouting by varying the HUVEC/NHDF ratio in Chapter 3, we observed in higher 

magnification images that spheroids with a 3 HUVECs/1 NHDF ratio reorganize 

into uniluminal structures when cultured in 6.5 w/v% PEG hydrogels. This 

phenomenon is not observed for other spheroid compositions (Figure 4.1 A). We 

hypothesize that, while spheroids with the mentioned ratio of 

1 HUVEC/9 supporting cells form multi-luminal structures, a higher fraction of 

HUVECs results in the fusion of multiple small lumens into one bigger central 

lumen. In addition, we investigate how the spheroid size and matrix stiffness 

influence the lumen formation. Finally, we show that neighboring spheroids can 

fuse to create continuous lumens, which is further manipulated by acoustic 

alignment to direct the organization of tubular vascular structures (Figure 4.1 B).  

 

Figure 4.1: Influence of cell ratios on spheroid reorganization and fusion into tubular 
vascular structures. A) Confocal images of spheroid with HUVEC/NHDF ratios from 3:1 to 1:3 
cultured in 6.5 w/v% PEG hydrogels. The samples are stained for F-actin (cyan) and CD31 
(magenta) after 14 days in culture. Scale bars: 200 µm. B) Schematic of spheroids reorganizing 
and fusing to create vascular-like structures with a continuous lumen that is lined by endothelial 
cells (red) and surrounded by layers of fibroblasts (green). 
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4.2 Results and Discussion 

4.2.1 Formation of Uniluminal Spheroids in PEG Hydrogels 

When spheroids consisting of 3 HUVECs/1 NHDF and 1000 cells/spheroid are 

cultured in PEG hydrogels, HUVECs are initially evenly distributed throughout the 

solid spheroids (Figure 4.2 A). Within 14 days of cultivation, the spheroids 

substantially reorganize into hollow structures with a central lumen that resemble 

the structure of simplified blood vessels. Similar to the tunica intima, which is the 

inner layer of endothelial cells in blood vessels, the HUVECs within the hollow 

spheroids are lining the inner lumen and build a continuous monolayer as shown 

in 3D reconstruction images of CD31 immunostained samples. The HUVEC 

monolayer is thereby surrounded by layers of fibroblasts, which resemble the 

connective tissue layers of blood vessels (Figure 4.2 B). 

 

Figure 4.2: Uniluminal spheroid formation in PEG hydrogels. A) Confocal images of spheroids 
consisting of 1000 cells/spheroid with a 3 HUVECs/1 NHDF ratio fixed immediately after hydrogel 
encapsulation. B) 3D reconstruction of spheroid lumen stained for CD31, including sections stained 
for nuclei (blue), F-actin (green) and CD31 (red). Scale bars: 200 µm. 
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To further understand the process of spheroid lumen formation, the influence of 

the hydrogel stiffness is tested by cultivating spheroids in 2.5, 3.4 and 6.5 w/v% 

PEG hydrogels. Additionally, the spheroid size is varied by cultivation of spheroid 

with a 3 HUVECs/1 NHDF ratio and 333, 1000 and 3000 cells/spheroid in the 

hydrogels. The reorganization of spheroids into luminal structures with the 

characteristic inner layer of endothelial cells is observed for all conditions except 

for spheroids consisting of 333 cells spheroid that are cultured in 6.5 w/v% PEG 

hydrogels (Figure 4.3 A). Thereby, both the spheroid size and the hydrogel 

stiffness influence the probability of lumen formation as well as the lumen diameter 

and area after 14 days of culture (Figure 4.3 B). While all spheroids form lumens 

in 2.5 w/v% PEG hydrogels, the fraction of lumen-forming spheroids as well as the 

lumen diameter and area decrease for all tested spheroid sizes as the hydrogel 

stiffness increases, which was quantified based on confocal images. In case of 

2.5 w/v% PEG hydrogels, the spheroid lumen diameter and area vary between 

173 ± 32 µm and 15 434 ± 6587 µm2 for 333 cells/spheroid and 223 ± 35 µm for 

3000 cells/spheroid. In 3.4 w/v% PEG hydrogels, spheroids consisting of 333 cells 

form lumens with a diameter of 59 ± 9 µm and an area of 2626 ± 1069 µm2, while 

3000 cells/spheroid are characterized by lumen diameters of 145 ± 8 µm and areas 

of 12 994 ± 1296 µm2. The biggest lumens in 6.5 w/v% PEG hydrogels are formed 

by spheroids consisting of 3000 cells with a lumen diameter 138 ± 33 µm and an 

area of 11 316 ± 6353 µm2. As expected, the size of the lumen consistently 

increases with increasing number of cells per spheroid, which allows to control the 

size of the lumen and thereby the diameter of engineered capillaries for different 

purposes. Yet, the reorganization of spheroids to create a central lumen requires 

space and therefore cells to migrate out of the spheroid core and into the 

surrounding hydrogel matrix. As discussed in Chapter 3, the growth of spheroids 

is restricted in stiffer hydrogels, which therefore limits spheroids to reorganize into 

uniluminal structures, resulting in a decreased fraction of lumenized spheroids and 

the size of their lumens with increasing hydrogel stiffness. In contrast to the lumen 

size, the probability of lumen formation does not continuously increase with 

increasing number of cells per spheroid. In case of 3.4 w/v% PEG hydrogels, 94% 

of spheroids consisting of 1000 cells form lumens, whereas 52% and 48% of 

spheroids consisting of 333 and 3000 cells/spheroid form lumens, respectively. 

Therefore, the growth of spheroids is monitored over a period of 14 days.  
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Figure 4.3: Influence of spheroid size and hydrogel stiffness on spheroid lumen formation. 
A) Confocal images of spheroids consisting of 333, 1000 and 3000 cells/spheroid with a cell ratio 
of 3 HUVECs/1 NHDF cultured in 2.5, 3.4 and 6.5 w/v% PEG hydrogels for 14 days. The samples 
are stained for nuclei (blue), F-actin (green) and CD31 (red). B) Quantification of lumen-forming 
spheroids and spheroid lumen diameter as well as spheroid lumen area depending on the spheroid 
size and hydrogel stiffness. Data of spheroid lumen diameter and area is presented as mean ± SD 
with n ≥ 3 for each condition. P values are calculated using one-way ANOVA with post-hoc Tukey 
test, *p < 0.05, **p < 0.01, ***p < 0.001. 
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Smaller spheroids consisting of 333 cells as well as 1000 cells start to form long 

sprouts after 1 day of culture, whereas bigger spheroids with 3000 cells only start 

to sprout slowly and are partly fused as the number of cells exceeded the capacity 

of the microwells used for spheroid formation, causing them to escape and merge 

with spheroids in neighboring microwells (Figure 4.4 A). After 7 days, lumens are 

forming in conditions with 333 cells/spheroid as well as 1000 cells/spheroids, which 

is not observed for the bigger spheroids consisting of 3000 cells. As the number of 

cells per spheroid increases, they become more compact due to stronger cell-cell 

contacts and the deposition of more ECM, leading to a denser pericellular 

environment, which has been shown to influence their sensitivity in drug 

screenings.200, 201 This potentially limits their ability reorganize into uniluminal 

structures as well. Only after 14 days, some of the spheroids form lumens that are 

visible in brightfield images while other develop a dark core, characteristic for cell 

death. This is likely the result of oxygen deprivation of cells at the core. At the same 

time, hypoxic conditions are known to stimulate angiogenesis and thereby lumen 

formation.202 As the oxygen gradient increases with increasing spheroid size, this 

could explain why lumen formation is most frequent in spheroids with 1000 cells. 

Smaller spheroids may lack a sufficient oxygen gradient to promote lumen 

formation, while larger spheroids experience excessive hypoxia, which can instead 

promote necrosis. In case of 2.5 w/v% PEG hydrogels, which support lumen 

formation of all spheroid sizes, confocal images show that spheroids consisting of 

1000 cells form central lumens that are characterized by the typical inner layer of 

endothelial cells already after 1 day of culture (Figure 4.4 B). These lumens have 

a diameter of 92 ± 8 µm and an area of 4542 ± 1314 µm2. Over time, the size of 

the lumens increase and reach a diameter of 215± 54 µm and an area of 

25 839 ± 10 920 µm2 after 7 days, which stagnates during further cultivation for up 

to 14 days (Figure 4.4 C). Instead, continued cultivation results in excessive cell 

growth within the hydrogel without significantly affecting the size of the lumens. 

This shows that a prolonged cultivation that extends 7 days does not contribute to 

the formation of bigger lumens. 
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Figure 4.4: Monitoring spheroid reorganization over time. A) Cultivation of spheroids consisting 
of 333, 1000 and 3000 cells with a cell ratio of 3 HUVECs/1 NHDF in 3.4 w/v% PEG hydrogels. 
Brightfield mages are recorded after 0, 1, 3, 7 and 14 days. Arrows indicate lumenized spheroids 
Scale bars: 500 µm. B) Confocal images of spheroids consisting of 1000 cells with a cell ratio of 
3 HUVECs/1 NHDF in 2.5 w/v% PEG hydrogels recorded after 0, 1, 3, 7 and 14 days of culture. 
The samples are stained for nuclei (blue), F-actin (green) and CD31 (red). C) Quantification of 
lumen diameter and surface area depending on the duration of spheroid culture in 2.5 w/v% PEG 
hydrogels. 
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4.2.2 Fusion of Prevascularized Spheroids to Create Vascular 

Channels with Continuous Lumen 

While the lumen formation of spheroids is essential for the functionality of artificial 

blood vessels, the formation of tubular structures requires the fusion of multiple 

spheroids and the generation of continuous lumens as a result of their fusion. 

During single spheroid experiments with various cell numbers per spheroid as well 

as different hydrogel stiffnesses, the fusion of neighboring spheroids into larger cell 

structures is observed (Figure 4.5 A). In all cases of spheroid fusion, endothelial 

cells form continuous structures between the neighboring spheroids, which is an 

important step to create a vascular network. As for single spheroid experiments, 

the formation of a continuous lumen between the spheroids and its width thereby 

depend on the hydrogel stiffness and the number of cells per spheroid. In 3.4 w/v% 

PEG hydrogels, uniluminal spheroids fuse with neighboring spheroids to form a 

continuous lumen. While spheroids with 1000 cells/spheroid form a narrow 

lumenized connection that is lined by endothelial cells, fusing spheroids with 3000 

cells/spheroid form a vascular-like lumen at full spheroid width. In contrast, the 

lower probability of lumen formation in 6.5 w/v% PEG hydrogels, causes that not 

all fusing spheroids develop a continuous lumen as observed in the condition with 

1000 cells/spheroid. These spheroids are characterized by the reorganization into 

a solid core of endothelial cells that fuse with neighboring spheroids without lumen 

formation. When spheroids in 6.5 w/v% PEG hydrogels do reorganize into 

uniluminal structures, as observed in the condition with 3000 cells/spheroid, the 

fusion of neighboring spheroids results in a narrow, continuous lumen that is less 

efficiently formed compared to spheroids of the same size in 3.4 w/v% PEG 

hydrogels. This could indicate that the fusion process is hampered as the stiffness 

of the surrounding hydrogel increases. On the other hand, spheroids consisting of 

3000 cells partly fused already during their formation within microwells with 

adjacent spheroids. As a result, these spheroids no longer need to undergo fusion 

within the hydrogel to form elongated tubular structures. This way, larger spheroids 

consisting of 3000 cells form mm-long tubular structures within softer 2.5 w/v% 

PEG hydrogels. These are characterized by a continuous layer of endothelial cells 

that fully encloses the formed tubes as shown in 3D reconstruction images of 

CD31-positive structures (Figure 4.5 B). This is likely due to the combination of 



Engineering Vascular Structures by Fusion of Prevascularized Spheroids 81 

 

pre-fusion during spheroid formation and the softer hydrogels providing a more 

supportive environment for both continued spheroid fusion as well as lumen 

formation. 

 

Figure 4.5: Fusion of neighboring spheroids. A) Confocal images of neighboring spheroids 
consisting of 1000 or 3000 cells with a cell ratio of 3 HUVECs/1 NHDF that are fusing after 14 days 
of culture in 3.4 or 6.5 w/v% PEG hydrogels. The samples are stained for nuclei (blue), F-actin 
(green) and CD31 (red). Scale bars: 200 µm. B) Fusion of neighboring spheroids consisting of 3000 
cells after 14 days of culture in 2.5 w/v% PEG hydrogels. 3D Reconstruction of CD31-positive 
structures (II) show that the lumen is continuous and enclosed by endothelial cells. Scale bars: I) 
200 µm; II) 1 mm. 
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The fusion efficiency of neighboring spheroids also depends on their proximity. 

Previous studies have demonstrated that depending on the spacing between 

spheroids, they either form cellular bridges from interacting sprouts at distances of 

200 µm and more or they fuse when the spheroid distance is 100 µm or lower.203 

In the experiments so far, the distance between adjacent spheroids depend on the 

spheroid density and distribution within the hydrogel, resulting in irregular spheroid 

fusion. Thus, to be able to control the distance between spheroids and thereby 

their fusion, acoustic alignment is utilized to organize spheroids into single lines, 

aiming to create continuous vascular channels. Here, 400 µL of PEG hydrogel 

mixture containing 3750 spheroids/mL are filled into well plates with silicon 

chambers that are placed in a mold filled with water and two opposite transducers. 

The transducers convert electrical power into an acoustic standing wave. During 

the gelation of the hydrogel, the spheroids accumulate at the pressure nodes of 

the standing wave and sediment, which results in the formation of spheroid lines. 

The density and proximity of neighboring spheroids can be controlled by adjusting 

both the amplitude as well as the frequency of the acoustic wave. As the hydrogel 

crosslinks, the spheroids are fixed in their position for further cultivation (Figure 

4.6).  

 

Figure 4.6: Schematic of acoustic spheroid alignment. A silicon chamber filled with the PEG 
hydrogel mixture and spheroids is placed in a water bath with two opposing transducers (yellow). 
During the gelation of the hydrogel, two transducers (yellow) transform electrical power into acoustic 
power that creates a standing wave (red). Spheroids (green) within the hydrogel mix accumulate at 
the pressure nodes while they sediment to the bottom of the well and form a line. Scale bar: 500 µm. 
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When spheroids consisting of 1000 cells and a 3 HUVECs/1 NHDF ratio are 

cultured in 3.4 w/v% PEG hydrogels for 14 days after acoustic spheroid alignment, 

the cells form a confluent layer on the hydrogel surface. This includes patches of 

endothelial cells that form networks observed on the edges of the hydrogel. 

Spheroids are visible as CD31-positive structures with a central lumen that is open 

to the bottom of the hydrogel and embedded within the layer of cells (Figure 4.7 A 

I). While most of the spheroids are arranged in lines, multiple single spheroids are 

randomly distributed within the hydrogel, which indicates inefficient spheroid 

alignment probably due to air bubbles within the surrounding water that hindered 

wave propagation due to scattering.204 In the hydrogel, neighboring spheroids are 

able to fuse as part of spheroid lines that are characterized by endothelial cell 

anastomosis in-between spheroids, while NHDFs are sprouting and form cellular 

bridges with further distant spheroids (Figure 4.7 A II). Higher magnification 

images reveal that multiple neighboring spheroids undergo fusion and form a 

continuous tubular structure with a length of approximately 600 µm. Surrounding 

the central lumen, HUVECs form a cohesive layer with uniform morphology, which 

indicates that the spheroids are fully integrated into the created channel (Figure 

4.7 A III). As the spheroids are open to the bottom of the hydrogel, they can be 

perfused with fluorescent beads of 1 and 15 µm. Both bead sizes enter the formed 

lumen and are found at the interface of fusing spheroids, which proves both the 

presence of lumens as well as the continuity of the lumens between multiple 

neighboring spheroids (Figure 4.7 B). These results represent an important first 

step towards the formation of functional and perfusable vascular structures made 

of spheroid building blocks. However, in order to be functional the vasculature is 

required to be fully enclosed by endothelial cells to fulfill its barrier function. 

Therefore, the sedimentation of the spheroids must be prevented, which otherwise 

results in the formation of a lumen that is open to the bottom of the hydrogel. For 

this purpose, a sandwich model is developed by pre-coating the well for acoustic 

alignment with a layer of agarose. After spheroid alignment and crosslinking of the 

hydrogel, the agarose layer is removed with a scalpel and replaced with a second 

PEG hydrogel to embed the spheroid layer between two PEG hydrogels, resulting 

in a stable construct (Figure 4.8 A). 
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Figure 4.7: Formation of tubular structures with a continuous lumen. A) Confocal images of 
spheroids consisting of 1000 cells with a ratio of 3 HUVECs/1 NHDF that are organized into lines 
by acoustic alignment and cultured in 3.4 w/v% PEG hydrogels for 14 days. White arrows indicate 
fusing spheroids. Samples are stained for F-actin (cyan) and CD31 (magenta). Scale bars: I) 2 mm; 
II) 1 mm; III) 200 µm. B) Visualization of continuous lumen formation by perfusion fusion with 
fluorescent beads of 1 µm (red) and 15 µm (green) diameter. Scale bars: 200 µm.  
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After 14 days of cultivation, the cells infiltrate the bottom PEG hydrogel, revealing 

that the two hydrogel layers form a seamless connection as the cells would 

otherwise grow at the hydrogel interface, which represents the path of least 

resistance for cell growth. However, spheroid lumen formation and fusion within 

the top hydrogel layer is hardly visible as the imaging through the bottom hydrogel 

layer and the infiltrating cells reduces image clarity (Figure 4.8 B). Thus, the 

hydrogel is cut vertically in a 90° angle to the spheroid layer into two pieces that 

are imaged from the side. The spheroids are reorganizing into uniluminal structures 

and are fully enclosed by endothelial cells without any disruptions or openings 

(Figure 4.8 C). This suggests that this method can effectively maintain spheroid 

integrity due to the structural confinement provided by the top and bottom hydrogel 

layers.  

 

4.3 Conclusion 

Engineering functional vascular structures remains one of the main bottlenecks 

when it comes to the development of large-scale tissue constructs that can sustain 

long-term culture. Prevascularized spheroids are gaining interest as building 

blocks to overcome this limitation of tissue engineering due to their ability to 

reorganize into luminal structures and fuse into vascular channels. In contrast to 

previous works demonstrating the fusion of spheroids forming multiple small 

lumens with limited capacity to create a continuous vascular tree, this study shows 

that spheroids can reorganize into uniluminal structures that fuse into continuous 

channels as evidenced by perfusion with fluorescent beads. Lumen formation 

depends on an increased fraction of HUVECs, occurring only in conditions with a 

3 HUVECs/1 NHDF ratio, and is influenced by the spheroid size and stiffness of 

the surrounding hydrogel. While an increasing stiffness restricts spheroid 

reorganization, varying spheroid sizes and moderate stiffness levels enable control 

over the lumen diameter for different purposes. By confining such spheroids in a 

hydrogel that supports their structural reorganization and ensuring their close 

proximity, as achieved through acoustic spheroid alignment, this approach enables 

the formation of continuous vascular channels that are lined by endothelial cells. 

These findings demonstrate the potential of this strategy to contribute to the 

development of functional vascular networks in engineered tissues in the future. 
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Figure 4.8: Sandwich model for the formation of enclosed tubular structures. A) A layer of 

aligned spheroids is enclosed between two hydrogel layers. After acoustic alignment and gelation 

of the first hydrogel, a second hydrogel layer is added to fully embed the spheroids within a hydrogel 

matrix. Scale bars: 5 mm. B) Confocal images of spheroids cultured in sandwich model with 

3.4 w/v% PEG hydrogels after 14 days of culture through the bottom hydrogel layer with infiltrating 

cells. Scale bars: 1 mm. C) Visualization of spheroid crosssection after cutting the hydrogel in half 

at a 90° angle to the spheroid layer and confocal imaging from the side. Both halves are shown and 

a dotted white lines indicates their separation in the picture. The samples are stained for nuclei 

(blue), F-actin (green) and CD31 (red). Scale bar: 2 mm.  
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4.4 Materials and Methods 

4.4.1 Cell Culture 

Human umbilical vein endothelial cells (HUVECs, Lonza) are cultured in tissue 

culture flasks with endothelial cell growth medium 2 (EGM-2, Promocell) 

supplemented with 1% antibiotic-antimycotic (ABM, Gibco) up to passage 6. 

Normal human dermal fibroblasts (NHDFs, Promocell) are cultured in tissue culture 

flasks with Dulbecco’s modified Eagle medium (DMEM, Gibco) supplemented with 

10% fetal calf serum (FCS, Biowest) and 1% ABM up to passage 8. Both cell types 

are cultured at 37 °C with 5% CO2 according to standards protocols. 

 

4.4.2 Preparation of Hydrogel Precursors and Hydrogel Formation 

Four-arm PEG-VS (20 kDa, Creative PEGWorks) and di-thiol crosslinkers are 

dissolved in DMEM that is supplemented with 10% FCS and 1% ABM. To promote 

cell growth, PEG-VS is pre-incubated with GRGDSPC (690.7 Da, CPC Scientific) 

at a final concentration of 0.6 mM before HS-MMPsens-SH 

(GCREGPQGIWGQERCG, 1774 Da, GenScript) is added for hydrogel 

crosslinking via thiol-Michael addition. PEG-VS and thiol-functionalized 

components are mixed in equimolar ratios and incubated at 37 °C for 30 min to 

form hydrogels via thiol-Michael addition.  

 

4.4.3 Cultivation of Cell Spheroids in Hydrogels 

Cell spheroids consisting of 333, 1000 and 3000 cells/spheroid and a 

3 HUVECs/1 NHDF ratio are formed using the Sphericalplate 5D® (Kugelmeiers 

Ltd, Erlenbach) in 24-well format, which contain 750 microwells for spheroid 

formation. Both, HUVECs and NHDFs are suspended in EGM-2 to a concentration 

of 2250 000 cells/mL. For the formation of spheroids with 333 cells/spheroid, 

83.25 µL of HUVEC, 27.75 µL of NHDF suspensions and 989 µL EGM-2 are mixed 

and added to the Sphericalplate 5D®. For the formation of spheroids with 

1000 cells/spheroid, 250 µL of HUVEC, 83.33 µL of NHDF suspension and 

666.67 µL EGM-2 are mixed and added to the Sphericalplate 5D®. For the 

formation of spheroids with 3000 cells/spheroid, 750 µL of HUVEC and 250 µL of 
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NHDF suspension are mixed and added to the Sphericalplate 5D®. Immediately 

after plating, the plate is swirled in a figure 8 to evenly distribute the cells in the 

wells. After 24 h of incubation at 37 °C and 5% CO2, spheroids are harvested by 

pipetting and mixed with hydrogel components at a concentration of around 

2 spheroids/μL. Finally, 15 μL hydrogel droplets are casted on 8-well ibidi slides 

and allowed to crosslink for 30 min before adding 300 μL EGM-2 and cultivation at 

37 °C and 5% CO2 with medium changes every 2-3 days. 

 

4.4.4 Acoustic Spheroid Alignment in PEG Hydrogels 

The setup for the acoustic alignment is developed and provided by Johannes Hahn 

from the Department of Dental Materials and Biomaterials Research led by Prof. 

Dr.-Ing. Horst Fischer at the RWTH Aachen University Hospital. 400 µL of hydrogel 

mixture containing 1500 spheroids are added to a well of an 8-well ibidi slide with 

removable silicone chamber. The ibidi slide is placed in a bigger chamber that 

contains two transducers and is filled with degassed water. For the acoustic 

alignment, a frequency of 2.061 MHz and an amplitude of 20.000 Vpp are applied. 

After 30 min at RT, the hydrogels are crosslinked and the alignment of the 

spheroids is confirmed. The hydrogels are transferred with a sterile spatula to the 

well of a 24-well plate that is filled with EGM-2 and subsequently incubated at 37 °C 

and 5% CO2 with medium changes every 2-3 days. 

 

4.4.5 Immunofluorescence Staining  

The cell culture media is removed from the hydrogel samples, followed by washing 

with PBS for 30 min and fixing with 4% paraformaldehyde solution (PFA, 

AppliChem) for 50 min at room RT. After washing twice with PBS, the samples are 

incubated with 0.1% Triton X-100 (Sigma Aldrich) solution in PBS for 20 min for 

cell membrane permeabilization, followed by three more PBS washing steps. 

Afterwards, the samples are blocked by incubating with 4% bovine serum albumin 

(BSA, SEQENS) solution in PBS for 4 h. This is followed by incubation with a 

monoclonal mouse anti-human CD31/PECAM-1 antibody (Bio-Techne, 1:500) in 

1% BSA in PBS solution overnight at 4 °C. After washing thrice with PBS, 30 min 



Engineering Vascular Structures by Fusion of Prevascularized Spheroids 89 

 

each, the samples are incubated with Alexa Fluor 647 goat anti-mouse antibody 

(Invitrogen, 1:500) and Phalloidin-iFluor 488 (abcam, 1:1000) in PBS for 4 h at RT. 

Alternatively, samples that are not in the following stained with DAPI to observe 

the nuclei, they are incubated with Alexa Fluor 555 goat anti-mouse (Invitrogen, 

1:500) and Phalloidin-iFluor 405 (abcam, 1:1000) for 4 h at RT. After washing twice 

with PBS, the samples are stored at 4 °C or incubated for 30 min with DAPI (1:200) 

to stain the nuclei, followed by three more washing steps with PBS before the 

samples are stored at 4 °C or imaged. To prove the presence and continuity of 

lumens formed by fusing spheroids, the samples are incubated with fluorescent 

polystyrene beads (Bangs Laboratories, Inc.) of 1 µm (660/690 nm) and 15 µm 

(480/520 nm) diameter that are diluted in PBS. 

 

4.4.6 Image Processing and Analysis 

Brightfield images of spheroids cultured in PEG hydrogels are recorded using an 

Echo Revolution microscope equipped with a 4× objective. The fraction of lumen-

forming spheroids is determined by counting the spheroids forming a central 

lumen, visible as a low-contrast region compared to the denser spheroid edges, 

which is normalized to the total number of spheroids. 

Immunofluorescence-stained samples are imaged using a Leica SP8 Tandem 

Confocal microscope equipped with an air objective of 10×/0.3 N.A using lasers for 

excitation at 405, 488, 561 and 633 nm. HyD and PMT detectors are used to detect 

the resulting emission. Higher magnification images of spheroids are recorded 

using the 10× air objective with a 4× zoom. The confocal images of uniluminal 

spheroids are analyzed with ImageJ. To quantify the size of the lumens that are 

lined by endothelial cells, the diameter and surface area are measured in the CD31 

fluorescence channel at the widest crosssection. Tile scan images of spheroid lines 

formed via acoustic alignment are additionally recorded before and after perfusion 

with fluorescent beads using an Opera Phenix Plus High-Content Screening 

System with 5×/0.16 NA and 10×/0.3 NA air objectives as well as a 20×/1.0 NA 

and 40×/1.1 NA water immersion objectives.  
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4.4.7 Statistical Analysis 

Each experiment, except for acoustic alignment experiments, is performed with 

n ≥ 3. Statistical analysis of the data is conducted in OriginPro 2024 using a one-

way ANOVA. Pair comparisons are performed using Tukey’s method, where p-

values below 0.05 are considered as significant differences (*p < 0.05; **p < 0.01; 

***p < 0.001). 
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5 On-Demand Degradation of PEG Hydrogels for 

Medical Applications 

Daniel Günther, Hannah Küttner, Kuan Zhang, Junlin Chen, Andreas Herrmann, 

Laura De Laporte 

5.1 Introduction 

Tissues are highly dynamic structures that undergo constant remodeling 

processes due to cell migration and proliferation and their continually changing 

interactions with their surrounding extracellular matrix (ECM) and neighboring 

cells.205 Thereby, cells produce matrix metalloproteinases (MMPs), a family of 

Zn2+-dependent proteinases that degrade and remodel multiple components of the 

ECM to enable cell migration by disrupting ECM barriers, cleaving of proteins 

associated with cell-cell and cell-matrix interactions or the release and activation 

of ECM-bound growth factors, chemokines, and cytokines, which is involved in 

wound healing, angiogenesis and development.206-208 The activity of MMPs is 

tightly regulated by the presence of tissue inhibitors of metalloproteinases (TIMPs). 

A dysregulation of the balance between MMPs and TIMPs results either in 

excessive ECM degradation or deposition that can cause many pathological 

conditions, including atherosclerosis, scar tissue formation, fibrosis, and cancer.209, 

210 Tissue engineering recapitulates these processes to facilitate degradation of 

synthetic hydrogels consisting of nanoporous polymer networks by incorporation 

of MMP-sensitive moieties.77 This way, cells that are encapsulates in the hydrogels 

are able to create space within the hydrogel by secreting MMPs, which enables 

them to migrate, proliferate and ultimately form tissues. Yet, similar to the balance 

of MMPs and TIMPs in vivo, the degradation of the hydrogel matrix must be 

regulated to match the growth rate of cells to ensure proper tissue formation. At 

the same time, the rate of degradation controls cell behavior determining the 

multicellularity of cell migration as well as the differentiation of stem cells.193, 211 

Due to the defined in vitro environment with stable external factors like temperature 

and pH, the degradation rate of a hydrogel can be well controlled. This is why I 

relied on MMP-mediated hydrogel degradation in Chapters 3 and 4, which can be 

further combined with passive ester hydrolysis to accelerate hydrogel softening 

and compensate for higher hydrogel stiffnesses as shown in Chapter 3. However, 
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after transplantation of a tissue substitute that is initially matured in vitro, the 

environment drastically changes with more complex and dynamic influences. 

During a potential foreign body response, biomaterial-adherent macrophages 

produce a variety of MMPs in their attempt to degrade the foreign body, which 

further depends on its composition.212 Native cells of the surrounding tissue 

additionally secrete multiple types of MMPs, while the rate of MMP secretion varies 

between different cell types and sources.213, 214 Moreover, the degradation rate 

varies between patients and transplantation sites, making the degradation less 

predictable and reproducible.124, 215 This overall results in differing responses and 

biomaterial degradation rates in vivo and in vitro, which has been demonstrated for 

MMP-sensitive polyethylene glycol (PEG) hydrogels.216 Thus, mechanisms that 

are independent of factors found in the in vivo environment and can be triggered 

on-demand could present a promising approach to enhance the control over 

degradation in transplanted tissue constructs. As described previously in Chapter 

2, multiple on-demand degradation mechanisms so far involve light or mechanical 

forces as external triggers.153-155 However, the application of these triggers in vivo 

after transplantation remains challenging as light is characterized by strong 

scattering, which limits its tissue penetration depth, while the mechanical stretching 

of the material does not allow for minimally-invasive therapy.217 In contrast, 

ultrasound presents a non-invasive alternative that enables controlled tissue 

penetration by varying its frequency and intensity. Its additional potential for 

biomedical applications has recently been demonstrated by the introduction of 

ultrasound for controlled drug activation through mechanochemical bond scission 

as well as the release of drugs from microgels as drug carriers in the newly 

established field of sonopharmacology.218, 219 Building up on the mechanical force 

of ultrasound, an on-demand degradation system, triggered by low intensity 

focused ultrasound (LIFU), is presented in this work. Thereby, a thrombin-

cleavable, thiol-functionalized crosslinker (HS-TCP-SH) replaces the previously 

used ester-functionalized crosslinker. At first, it is shown that the formed hydrogels 

can then be degraded on-demand by supplementing thrombin through the media. 

By adjusting the concentration of thrombin, timing of thrombin supplementation as 

well as the ratio of HS-TCP-SH to MMP-sensitive crosslinker (HS-MMPsens-SH), 

the softening of the hydrogels can be controlled, which influences the growth of 

encapsulated spheroids.  
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For LIFU-triggered degradation, the non-covalent inhibitory interaction between 

thrombin and hirudin is exploited as previously demonstrated by Zhang et al., which 

can be mechanically interrupted to induce the catalytic activity of thrombin.153 This 

biocatalytic system is integrated into the PEG hydrogel network by modifying both 

enzymes with thiols for thiol-Michael addition with four-arm PEG vinyl sulfone 

(PEG-VS). Upon LIFU exposure, thrombin is reversibly activated and therefore 

able to degrade the surrounding thrombin-cleavable crosslinks (Figure 5.1). 

 

Figure 5.1: Transition from hydrolytic to on-demand hydrogel degradation. To enhance 
control over hydrogel degradation, ester-functionalized crosslinks (HS-Esters-SH), which passively 
degrade over time, are replaced with thrombin-cleavable crosslinks (HS-TCP-SH). These can be 
degraded on-demand either by supplementing thrombin through the media or by integrating a 
biocatalytic system consisting of thrombin and its inhibitor hirudin into the hydrogel network, which 
can be activated using low intensity focused ultrasound (LIFU). 
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5.2 Results and Discussion 

5.2.1 On-Demand Hydrogel Degradation through Media-

Supplemented Thrombin 

5.2.1.1 Characterization of Thrombin-Sensitive Hydrogels and Their 

Degradation 

To verify the on-demand degradation of thrombin-sensitive hydrogels with 

thrombin under cell culture conditions and monitor the time required for 

degradation, 6.5 w/v% PEG hydrogels with 100% HS-TCP-SH are formed and 

incubated with 20, 10 or 5 nM thrombin diluted in cell culture media (Figure 5.2). 

After 60 min of incubation, gels in all conditions are smaller than after hydrogel 

formation and become smaller with increasing thrombin concentration. In 

conditions with 20 nM thrombin, all gels are gone within 90 min, while it takes about 

120 min and 240 min for hydrogels to fully degrade with 10 nM and 5 nM thrombin, 

respectively.  

 

Figure 5.2: Thrombin concentration-dependent hydrogel degradation over time. 6.5 w/v% 
PEG hydrogels made with 100% HS-TCP-SH are incubated with DMEM supplemented with 20, 10 
or 5 nM thrombin. Images of the gels are recorded every 30 min over a period of 240 min. Scale 
bars: 15 mm. 
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As the degradation of fully thrombin-sensitive hydrogels with thrombin in low 

concentrations is too fast to support cell growth, HS-TCP-SH is combined with HS-

MMPsens-SH in different ratios for cell applications. The stiffness of 6.5 w/v% PEG 

hydrogels decreases significantly as the fraction of HS-TCP-SH is increased 

(Figure 5.3 A). PEG hydrogels formed with 100% HS-MMPsens-SH have a 

storage modulus of approximately 3900 ± 200 Pa, which reduces to 2200 ± 800 Pa 

in case of PEG hydrogels formed with 100% HS-TCP-SH. Yet, the gelation times 

are similar as in both cases the gelation starts within 60 s (Figure 5.3 B). This 

could be a result of differences in the peptide sequences besides the respective 

degradation sites and their length. HS-MMPsens-SH (1774 Da) is slightly longer 

than HS-TCP (1431 Da) and could result in additional network entanglement that 

contributes to the overall stiffness. Additionally, the presence of positive charges 

from arginine in the sequence of HS-MMPsens-SH decreases the pKa of the thiol, 

promoting the formation of more reactive thiolates.220 While lysines residues in the 

sequence of HS-TCP-SH also contain positively charged amine groups, their 

shorter side chains and localized positive charges are potentially less effective at 

stabilizing thiolates compared to the delocalized positive charge of arginine’s 

guanidinium group, which benefits from a longer side chain. Moreover, electrostatic 

interactions between guanidinium groups and negatively charged glutamic acid 

found in HS-MMPsens-SH could further reinforce the hydrogel, while HS-TCP-SH 

mostly contains uncharged glycines with a single hydrogen atom as its side chain.  

Nanoindentation measurements of 6.5 w/v% PEG hydrogels with different HS-

MMPsens-SH/HS-TCP-SH ratios confirm the trend of decreasing hydrogel 

stiffness with increasing HS-TCP-SH fraction (Figure 5.3 C). Moreover, the 

hydrogels are incubated overnight with 20 nM thrombin to degrade the thrombin-

cleavable crosslinks, resulting in significant hydrogel softening. As expected, the 

measured Young’s modulus gradually decreases with increasing HS-TCP-SH 

fraction due to crosslink degradation, while it remains constant for gels made with 

100% HS-MMPsens-SH. The Young’s modulus of hydrogels containing 10% HS-

TCP-SH reduces by 33% after thrombin treatment, whereas 30% HS-TCP-SH 

hydrogels lose almost 80% of their initial stiffness. This demonstrates that the 

adjustment of the crosslinker ratio allows for enhanced control over hydrogel 

softening.  
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Figure 5.3: Mechanical hydrogel properties and softening depending on HS-MMPsens-
SH/HS-TCP-SH ratio. A) Storage modulus of 6.5 w/v% PEG hydrogels with different ratios of HS-
MMPsens-SH (MMP)/HS-TCP-SH (TCP). Box plots present mean ± SD with n = 3 per condition 
(error bar = min-max values, hollow square = mean value, horizontal line = median). P values are 
calculated using one-way ANOVA with post-hoc Tukey test, *p < 0.05, **p < 0.01, ***p < 0.001. B) 
Storage and loss moduli of 6.5 w/v% PEG precursor solutions and formed hydrogels with 100% 
HS-MMPsens-SH or 100% HS-TCP-SH as a function of time. C) Effective Young’s moduli of 
6.5 w/v% PEG hydrogels with different ratios of HS-MMPsens-SH/HS-TCP-SH monitored before 
and after treatment with 20 nM thrombin overnight via nanoindentation. Data is presented as 
mean ± SD with n = 75 per condition. 

 

5.2.1.2 Thrombin-Mediated Hydrogel Degradation for Improved Cell Growth 

While thrombin is part of the natural blood coagulation cascade, it is also reported 

to affect the cell viability by inducing cell apoptosis in a dose-dependent manner, 

whereas low concentrations promote cell proliferation.221, 222 Thus, we test the 

influence of thrombin in concentrations used for the previous degradation 

experiments on the viability of human umbilical vein endothelial cells (HUVECs) 

and normal human dermal fibroblasts (NHDFs) after incubation for 24 h. For all 

tested conditions, the viability is in a range of 80-99%, which is generally 

considered healthy (Figure 5.4). However, a decrease in cell viability is observed 

for both tested cell types with increasing thrombin concentration. Thereby, around 
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82% of HUVECs treated with 20 nM thrombin are viable, which is significantly lower 

compared to all other conditions, characterized by a viability of > 90%. This further 

demonstrates that HUVECs are more susceptible to thrombin-mediated cell death 

than NHDFs. Thrombin is described to cause profound changes in endothelial cell 

biology and leads to an increased endothelial permeability by altering cell 

junctions.223 Thrombin also promotes the expression of connective tissue growth 

factor, which acts as a fibroblast mitogen and stimulates their proliferation.224 This 

could indicate that endothelial cells are more sensitive to thrombin-induced 

apoptosis than fibroblasts. Yet, given the generally high cell viability, thrombin in 

concentrations up to 20 nM is considered suitable for further cell experiments. 

 

Figure 5.4: Influence of thrombin on cell viability. A) Live/Dead staining of HUVECs and NHDFs 
that are cultured for 24 h with 20, 10 or 5 nM thrombin solutions in cell culture media. Controls 
(0 nM) are not treated with thrombin. Live cells are shown in green and dead cells are red. Scale 
bars: 500 µm. B) Quantification of cell viability as the ratio of living to the total number of cells. Box 
plots present mean ± SD with n = 3 per condition (error bar = min-max values, hollow 
square = mean value, horizontal line = median). P values are calculated using one-way ANOVA 
with post-hoc Tukey test, *p < 0.05, **p < 0.01, ***p < 0.001. 
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To investigate the influence of thrombin-induced hydrogel softening on cell growth, 

spheroids consisting of HUVECs and NHDFs in a 1:3 ratio and 1000 cells/spheroid 

are cultured in 6.5 w/v% PEG hydrogels with different ratios of HS-MMPsens-

SH/HS-TCP-SH containing up to 50% HS-TCP-SH. Until day 4, spheroids are 

cultured with regular endothelial cell growth medium 2 (EGM-2) and show similar 

growth in all conditions (Figure 5.5 A). On day 4, 20 nM thrombin are added per 

condition to degrade the thrombin-cleavable crosslinks, which causes gels with 

40% and 50% HS-TCP-SH to fully degrade. Compared to untreated controls, the 

spheroid sprouting improved in all tested conditions as well as with increasing 

fraction of HS-TCP-SH, characterized by enhanced cell infiltration (Figure 5.5 B). 

While this can be mainly attributed to degradation of thrombin-cleavable crosslinks, 

enhanced cell infiltration in hydrogels made with 100% HS-MMPsens-SH suggests 

that thrombin additionally promotes cell growth. As mentioned previously, thrombin 

in low concentrations stimulates cell proliferation and acts as a fibroblast mitogen, 

which could explain the improved spheroid sprouting in this case.221, 224 

Additionally, the cell infiltration increases in controls with increasing HS-TCP-SH 

fraction. As this way the fraction of crosslinks that the cells are unable to degrade 

increases, which should limit cell growth, this seems counterintuitive. Yet, the 

stiffness of the hydrogels decreases with increasing HS-TCP-SH fraction, which 

promotes cell growth despite a reduced degradability on cell-demand.  

The thrombin treatment further influences the sprout morphology depending on the 

HS-MMPsens-SH/HS-TCP-SH ratio. While shorter, multicellular sprouts are 

formed in conditions with 0% and 10% HS-TCP-SH, the sprouts are less defined 

with predominant single cell migration in conditions with 20% and 30% HS-TCP-

SH. The multicellularity of cell growth thereby depends on the degradability of the 

surrounding matrix where high degradation rates trigger a switch between 

collective to single cell migration by enabling cells to break cell-cell junctions during 

accelerated migration.193 Increasing the fraction of HS-TCP-SH therefore leads to 

progressively more pronounced softening of the hydrogels, which in turn drives the 

transition from collective to single cell migration due to loss of structural support.  
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Figure 5.5: Influence of PEG hydrogel softening by on-demand TCP degradation on spheroid 
sprouting. Spheroids consisting of 1000 cells with a 1 HUVEC/3 NHDF ratio are cultured in 
6.5 w/v% PEG hydrogels with different ratios of HS-MMPsens-SH (MMP)/HS-TCP-SH (TCP) for 6 
days. After 4 days, the gels are treated with 20 nM thrombin. Controls are not treated with thrombin. 
A) Brightfield images are recorded after 4 (before thrombin addition) and 6 days of culture. Scale 
bars: 200 µm. B) Quantification of average cell infiltration of spheroids into the hydrogel depending 
on the HS-TCP-SH fraction. Box plot presents mean ± SD with n = 6 per condition (error bar = min-
max values, hollow square = mean value, horizontal line = median). P values are calculated using 
one-way ANOVA with post-hoc Tukey test, *p < 0.05, **p < 0.01, ***p < 0.001. 

 

To investigate the influence of the HS-TCP-SH degradation rate, spheroids are 

cultured in 6.5 w/v% PEG hydrogels with 70% HS-MMPsens-SH/30% HS-TCP-SH 

that are treated with thrombin concentrations of 20, 10, 5 and 1 nM after 4 days of 

culture. Controls are incubated with unconditioned media. Similar to the previous 

experiment, the treatment with 20 nM leads to extensive cell growth, which is 

dominated by single cell migration after 6 days of culture (Figure 5.6 A). In 

conditions treated with 10 nM and 5 nM thrombin the same cell behavior is 

observed, resulting in similar cell infiltration rates for these conditions (Figure 5.6 
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B). Although decreasing the thrombin concentration from 20 to 5 nM prolongs the 

degradation time as shown before from 90 to 240 min, this slower degradation is 

still too fast compared to the rate of cell growth. Consequently, the cells are not 

influenced by the different degradation rates. In contrast, spheroids that are treated 

with 1 nM thrombin as well as controls are characterized by more defined sprouts 

without single cell migration. Additionally, these conditions show comparable cell 

infiltration rates that are significantly lower than those in conditions with higher 

thrombin concentrations. These results indicate that 1 nM thrombin is not sufficient 

to degrade the thrombin-cleavable crosslinks within the given culture time in order 

to promote cell growth. 

 

Figure 5.6: Influence of thrombin concentration on spheroid sprouting. Spheroids consisting 
of 1000 cells with a 1 HUVEC/3 NHDF ratio are cultured in 6.5 w/v% PEG hydrogels with a 
crosslinker ratio of 70% HS-MMPsens-SH/30% HS-TCP-SH for 6 days. After 4 days, the gels are 
treated with 20, 10, 5 or 1 nM thrombin. Controls (0 nM) are not treated with thrombin. A) Brightfield 
images are recorded after 6 days of culture. Scale bars: 200 µm. B) Quantification of the average 
cell infiltration of spheroids into the hydrogel depending on the HS-TCP-SH fraction. Box plot 
presents mean ± SD with n = 6 per condition (error bar = min-max values, hollow square = mean 
value, horizontal line = median). P values are calculated using one-way ANOVA with post-hoc 
Tukey test, *p < 0.05, **p < 0.01, ***p < 0.001. 
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Additionally, the influence of the timing of thrombin addition on spheroid sprouting 

in 6.5 w/v% PEG hydrogels with a ratio of 70% HS-MMPsens-SH/30% HS-TCP-

SH is investigated. Since 5 nM thrombin is sufficient to enhance spheroid sprouting 

similarly to the treatment with 20 nM thrombin, the samples in this experiment are 

treated with 5 nM thrombin between day 0 and day 5 of culture and their growth is 

assessed after 6 days of culture. Thereby, the spheroid sprouting and cell 

infiltration increase the earlier thrombin is added (Figure 5.7). This is likely 

because the earlier the hydrogel softens as a result of thrombin-mediated 

degradation, the longer the cells have more space to grow in a more favorable 

environment.  

Besides extensive sprouting, early thrombin treatment on day 0 or day 1 leads to 

extensive multicellular sprouting, while single cells are observed when thrombin is 

added at later time points (Figure 5.7 A). The spheroids in conditions with delayed 

thrombin addition start to form sprouts before thrombin treatment. As a result of 

thrombin-mediated hydrogel softening, these sprouts rapidly lose their structural 

support mitigated by the hydrogel, which might result in their disintegration into 

single cells. Since spheroids that are treated with thrombin on day 0 or day 1 do 

not form sprouts previous to the hydrogel softening, no single cells are observed 

in these conditions. At the same time, the hydrogel softening promotes the growth 

of new multicellular sprouts, which explains why the fraction of single cell 

decreases the earlier the thrombin is added. This demonstrates a mismatch 

between rapid hydrogel degradation and cell growth, which could be regulated by 

adjusting the HS-MMPsens-SH/HS-TCP-SH ratio as well as further decreasing the 

thrombin concentration within a range of 1-5 nM. Yet, the results show that the on-

demand degradation system offers a platform to create a responsive, dynamic 

environment that effectively facilitates controlled cell infiltration and sprouting. 
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Figure 5.7: Influence of temporal thrombin treatment on spheroid sprouting. Spheroids 
consisting of 1000 cells with a 1 HUVEC/3 NHDF ratio are cultured in 6.5 w/v% PEG hydrogels with 
a crosslinker ratio of 70% HS-MMPsens-SH/30% HS-TCP-SH for 6 days. At different time points 
between day 0 (D0) to day 5 (D5), the gels are treated with 5 nM thrombin for the remaining period 
of cultivation. A) Brightfield images are recorded after 6 days of culture. Scale bars: 200 µm. B) 
Quantification of average cell infiltration of spheroids into the hydrogel depending on the HS-TCP-
SH fraction. Box plot presents mean ± SD with n = 6 per condition (error bar = min-max values, 
hollow square = mean value, horizontal line = median). P values are calculated using one-way 
ANOVA with post-hoc Tukey test, *p < 0.05, **p < 0.01, ***p < 0.001. 
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5.2.2 Ultrasound-Mediated Thrombin Activation and Hydrogel 

Degradation 

The development of an on-demand degradation system based on thrombin that 

can be activated by LIFU requires the efficient inhibition of thrombin with hirudin, 

the effective yet controlled disruption of the thrombin/hirudin interaction by LIFU, 

and the covalent integration of the biocatalytic system into the PEG hydrogel 

network. While thrombin and hirudin interact through non-covalent bonds, their 

modifications with thiols allows for thiol-Michael addition with four-arm PEG-VS to 

integrate the enzymes into the hydrogel network. Before they are integrated into 

the hydrogel network, thrombin and hirudin are mixed in a 1:1.5 ratio to ensure the 

efficient inhibition of thrombin’s catalytic activity and prevent degradation of the HS-

TCP-SH previous to hydrogel crosslinking. To evaluate if LIFU can sufficiently 

disrupt the inhibitory interaction between thrombin and hirudin within the hydrogel 

to potentially degrade the thrombin-sensitive crosslinks, the gels are incubated with 

the fluorogenic thrombin substrate Fluoro-s. Upon disruption of the inhibitory 

interaction, the substrate is cleaved by thrombin to create a fluorescent molecule 

that allows to quantify thrombin’s enzymatic activity (Figure 5.8 A). As the 

substrate conversion as well as the hydrogel degradation rate depend on the 

amount of activated thrombin, different concentrations of thrombin and hirudin are 

tested. Additionally, it is assumed that thrombin is activated only locally and only 

during LIFU exposure. Therefore, the thrombin concentration is increased to 2-

10 µM compared to the lower concentration of 20 nM used in previous experiments 

with media-supplemented thrombin, where it freely diffuses throughout the 

hydrogel and degrades it over an extended incubation period. For thrombin 

activation, the samples are exposed to LIFU with a frequency of 1 Hz and an 

intensity of 4.25 MPa for 5 min. This treatment results in a fluorescent signal in all 

tested conditions, indicating that the LIFU is sufficiently strong to disrupt the 

inhibitory interaction between thrombin and hirudin. The fluorescence intensity 

gradually increases with increasing concentrations of thrombin and hirudin, 

suggesting that increasing the concentration of thrombin and hirudin allows for 

elevated enzymatic activity upon LIFU exposure to regulate the rate of hydrogel 

degradation (Figure 5.8 B). 
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Figure 5.8: Activation of thrombin via low intensity focused ultrasound (LIFU). A) Schematic 
illustration of thrombin activation by LIFU, resulting in the conversion of a fluorogenic substrate 
(green stars) into a fluorescent product, which allows for quantification of the thrombin activity. Thiol-
functionalized thrombin and hirudin are integrated into the polymer network of a PEG hydrogel, 
which is crosslinked with HS-TCP-SH. B) Fluorescence emission spectrum of the fluorogenic 
substrate conversion depending on the concentration of thiol-functionalized thrombin (Thr-SH) and 
hirudin (Hir-SH) that are integrated into 6.5 w/v% PEG hydrogels. Hydrogels are exposed for 5 min 
to LIFU at a frequency of 1 MHz and an intensity of 4.25 MPa.  
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As the covalent integration of thrombin and hirudin into the hydrogel network would 

require high enzyme concentrations to achieve hydrogel degradation that is 

thereby locally restricted, the feasibility to integrate a biocatalytic system consisting 

of thiol-functionalized hirudin with unmodified thrombin into the hydrogel is 

investigated (Figure 5.9 A). This way, thrombin that is non-covalently bound to 

hirudin but not covalently to PEG-VS could be released from the hydrogel network 

upon LIFU exposure to diffuse freely through the hydrogel and degrade it more 

efficiently without local restriction. Additionally, the enzyme concentrations are 

increased to 30 µM thrombin and 45 µM hirudin, which are the highest possible 

concentrations to add based on the respective stock concentrations, and the LIFU 

exposure times are varied between 20, 10 and 5 min. However, after LIFU 

exposure, the thrombin-sensitive PEG hydrogels in conditions with unmodified 

thrombin remain mainly unaffected, while hydrogels containing thiol-functionalized 

thrombin show signs of degradation (Figure 5.9 B). With increasing LIFU exposure 

time, the hydrogels appear more swollen and are larger compared to conditions 

with unmodified thrombin. Moreover, they are more difficult to handle and partly 

disintegrate upon transfer from a 96-well plate to a microscopy slide for imaging. 

The differences in hydrogel degradation indicate that the activation of thrombin is 

more efficient when it is covalently bound to PEG-VS, which is confirmed by 

measurements of the thrombin activity with Fluoro-s (Figure 5.9 C). Interestingly, 

fluorescence intensities below 5∙107 are detected at a wavelength of 450 nm in 

conditions with unmodified thrombin, whereas they exceed 2∙108 in conditions with 

thiol-functionalized thrombin. Although prolonged LIFU exposure increases 

fluorescence intensities in both cases, indicating extended and potentially 

enhanced thrombin activation, the higher activity of thiol-functionalized thrombin is 

evident. When the biocatalytic system consisting of thiol-functionalized thrombin 

and hirudin is covalently bound to the hydrogel network, the exposure to LIFU 

causes localized shear forces that effectively separate thrombin and hirudin from 

each other to activate thrombin’s catalytic activity. In contrast, unmodified thrombin 

is only non-covalently associated with hirudin, giving thrombin greater freedom of 

movement and reducing the impact of mechanical forces during LIFU treatment.  
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Figure 5.9: Influence of thiol functionalization on thrombin activation. A) Schematic illustration 
of the integration of thiol-functionalized hirudin and non-functionalized thrombin into PEG hydrogels 
crosslinked with HS-TCP-SH. B) Images of 6.5 w/v% PEG hydrogels with 100% HS-TCP-SH, 
containing 30 µM non-functionalized (Thr) or thiol-functionalized (Thr-SH) thrombin as well as 
45 µM thiol-functionalized hirudin (Hir-SH), after LIFU exposure for 5, 10 or 20 min at an intensity 
of 4.25 MPa and a frequency of 1 MHz. Scale bar: 5 mm. C) Fluorescence emission spectra 
indicate the thrombin activity within these PEG hydrogels based on fluorogenic substrate 
conversion depending on the thiol functionalization and LIFU exposure time.  
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5.3 Conclusion 

While tissue engineering primarily relies on natural or synthetic hydrogels that 

support tissue formation through MMP-mediated degradation mechanisms in vitro, 

predicting and controlling their degradation in the more complex in vivo 

environment with dynamic and individual influences is challenging. This work 

introduces a precisely controlled alternative that allows for on-demand degradation 

by integrating thrombin-sensitive crosslinks into PEG hydrogels. Independent of 

other external factors, these hydrogels can be efficiently degraded by thrombin to 

promote the growth of encapsulated cell spheroids. By combining HS-TCP-SH with 

HS-MMPsens-SH, the overall softening of the hydrogel and thereby the cell 

behavior can be controlled as extensive hydrogel softening leads to single cell 

migration instead of multicellular sprouting. The adjustment of the thrombin 

concentration and the time point of thrombin treatment further allow to influence 

the degradation rate and the onset of degradation. While the tested thrombin 

concentrations lead to rapid degradation and therefore similar cell behavior, an 

earlier thrombin treatment induces extensive multicellular sprouting, whereas 

formed sprouts lose their structural support to disintegrate into single cells upon 

delayed thrombin addition. To be able to control the degradation of such hydrogels 

in vivo, thrombin and its inhibitor hirudin are integrated as a biocatalytic system into 

the hydrogel network. The non-covalent inhibitory interaction between thrombin 

and hirudin can be interrupted by LIFU exposure to activate thrombin’s catalytic 

activity and degrade the surrounding thrombin-sensitive crosslinks. As 

demonstrated based on a fluorometric assay, the overall enzyme activity can be 

increased by increasing the thrombin concentration as well as LIFU exposure time 

and requires both enzymes to be covalently bound to the hydrogel network to 

generate local shear forces that separate thrombin and hirudin from each other. 

Since ultrasound is characterized by a high degree of tissue penetration, this 

approach enables the highly controlled and reversible thrombin activation to 

facilitate regulated hydrogel degradation with the potential for non-invasive in vivo 

application. 
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5.4 Materials and Methods 

5.4.1 Preparation of Hydrogel Precursors and Hydrogel Formation 

Solutions of 20 w/v% four-arm PEG-VS (20 kDa, Creative PEGWorks) and 3 w/v% 

di-thiol crosslinkers are prepared in Dulbecco’s modified Eagle medium (DMEM, 

Gibco) that is supplemented with 10% Fetal Calf Serum (FCS, Biowest), 1% 

Antibiotic-Antimycotic (ABM, Gibco). In cell experiments, PEG-VS is pre-incubated 

with GRGDSPC (690.7 Da, CPC Scientific) at a final concentration of 0.6 mM to 

promote cell growth and 16 v/v% OptiprepTM is added to prevent spheroid 

sedimentation. To allow for degradation, two different types of crosslinkers are 

used: MMP-sensitive peptide with terminal cysteines (HS-MMPsens-SH, 

GCREGPQGIWGQERCG, 1774 Da, GenScript) that can be cleaved on cell-

demand and a thrombin-cleavable peptide with terminal cysteines (HS-TCP-SH, 

CKGGGLVPRGSGGGKC, 1431 Da, provided by Kuan Zhang). PEG-VS and thiol-

functionalized components are mixed in equimolar ratios and incubated at 37 °C 

for 30 min to form 6.5 w/v% PEG hydrogels via thiol-Michael addition.  

 

5.4.2 Degradation Experiments 

Degradation experiments are performed using 6.5 w/v% with 100% HS-TCP-SH. 

15 µL hydrogel droplets are pipetted on a 24-well plate. After crosslinking, the 

hydrogels are incubated with 20, 10 and 5 nM thrombin solutions in DMEM 

supplemented with 10% FCS and 1% ABM at 37 °C. The degradation of the 

hydrogels is observed visually and images are recorded every 30 min to determine 

the rate of hydrogel degradation depending on the thrombin concentration. The 

experiment is carried out in triplicates per condition. 

 

5.4.3 Rheological Characterization of Hydrogels 

For rheological measurements, a Discovery HR 3 hybrid rheometer with a 20 mm 

cone-plate (2°) geometry is used. 6.5 w/v% PEG hydrogel mixtures with a volume 

of 74 μL are pipetted on the rheometer plate which is heated to 37 °C. Due to the 

absence of cells, GRGDSPC and OptiprepTM are not added. Time-dependent 
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measurements are performed for 30 min at a frequency of 1 Hz, an oscillation 

strain of 0.1% and a gap size of 51 μm with triplicates per condition. 

 

5.4.4 Quantification of Hydrogel Softening via Nanoindentation 

Flat disk-shaped hydrogels with fractions of 0-30% HS-TCP-SH in combination 

with HS-MMPsens-SH and with a volume of 45 μL are formed in printed pluronic 

rings that have a radius of 4 mm and a height of 1.2 mm. After crosslinking of the 

hydrogels at 37 °C, the pluronic is removed by washing with cold PBS. The 

hydrogels are incubated in PBS + 1% ABM overnight at 37 °C. To determine the 

hydrogel softening before and after thrombin treatment, the high-throughput 

mechanical screening platform Pavone (Optics11 Life) is used. Indentation 

measurements are performed using a cantilever-based probe with a spherical tip 

radius of 44 μm and a stiffness of 0.43 N/m. The cantilever is moved as a piezo 

speed of 15 µm/s to reach an indentation-depth of 8 μm. Per hydrogel, an 

automated matrix scan is configured to obtain the mechanical properties of a 5×5 

grid. All measurements are performed at RT with duplicates per condition. 

 

5.4.5 Cell Culture 

Human umbilical vein endothelial cells (HUVECs, Lonza) are cultured in tissue 

culture flasks with endothelial cell growth medium 2 (EGM-2, Promocell) 

supplemented with 1% ABM up to passage 6. Normal human dermal fibroblasts 

(NHDFs, Promocell) are cultured in tissue culture flasks with DMEM supplemented 

with 10% FCS and 1% ABM up to passage 8. Both cell types are cultured at 37 °C 

with 5% CO2 according to standards protocols. 

 

5.4.6 Evaluation of Cell Viability 

To investigate the influence of thrombin on cell viability, HUVECs and NHDFs are 

incubated with thrombin concentrations of 20, 10 and 5 nM for 25 h, followed by 

live/dead staining using a LIVE/DEAD Cell Imaging Kit (Invitrogen). Cells are 

incubated with live (488/515 nm)/dead (570/602 nm) reagent, diluted in DMEM 
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supplemented with 10% FCS and 1% ABM to create a 1x working solution, for 

15 min at RT. The experiment is performed with triplicates per condition, including 

a positive and negative control that are incubated with unconditioned media or 

70 v/v% ethanol respectively. Images of the cells are recorded using a PerkinElmer 

Opera Phenix Plus confocal microscope with a 10×/NA 0.3 air objective or a 

20×/NA 1.0 water immersion objective.  

 

5.4.7 Cultivation of Cell Spheroids in Hydrogels 

Cell spheroids consisting of 1000 cells/spheroid are formed in hanging drops. 

Briefly, HUVECs and NHDFs are suspended in DMEM with 10% FCS and 1% ABM 

in a 1:3 ratio. Cell suspensions are then mixed with 20% Methocel (1.2 w/v% 

methyl cellulose (4,000 cP, Sigma) in DMEM) and 30 μL droplets are formed on 

petri dishes that are incubated upside down overnight at 37 °C and 5% CO2 to 

allow for spheroid formation. Afterwards, spheroids are harvested by flushing with 

5 mL DMME per plate and collected in centrifuges tubes. After centrifugation at 

100 rcf for 5 min, the spheroids are resuspended in DMEM supplemented with 10% 

FCS, 1% ABM, and 16 v/v% OptiprepTM and mixed with hydrogel components to 

reach a concentration of 0.5 spheroids/μL. Finally, 15 μL hydrogel droplets are 

casted on 8-well ibidi slides and allowed to crosslink for 30 min before adding 

350 μL EGM-2 and cultivation at 37 °C and 5% CO2 with medium changes every 

2-3 days. For on-demand degradation, thrombin in EGM-2 is added in 

concentrations at different time points. 

 

5.4.8 Microscopy 

Brightfield images of spheroids cultured in PEG hydrogels are recorded using a 

Zeiss Axio Observer.Z1 light microscope equipped with a 4× objective. Images are 

recorded before thrombin addition and on the following days after thrombin addition 

until the end of the experiment to monitor spheroid sprouting. Additionally, the cell 

infiltration into the hydrogel was determined by recording z-stacks of 6 spheroids 

per condition at 10× magnification. 
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5.4.9 LIFU-Triggered Thrombin Activation in PEG Hydrogels 

For LIFU-triggered thrombin activation, thrombin and hirudin modified with thiols 

are synthesized and provided by Kuan Zhang. These are mixed in a molar 

thrombin/hirudin ratio of 1:1.5, ensuring the effective inhibition of thrombin’s 

catalytic activity, and subsequently integrated as a biocatalytic system into 

thrombin-sensitive 6.5 w/v% PEG. Hydrogel droplets with a volume of 50 µL are 

casted into lumox® 96-well plates. LIFU experiments are performed by Junlin Chen 

from the Institute for Experimental Molecular Imaging led by Prof. Fabian Kiessling 

at a frequency of 1 MHz and an intensity of 4.25 MPa. The fluorogenic thrombin 

substrate Fluoro-s is used to measure the enzyme activity during sonication and it 

is cleaved by thrombin to produce a fluorescence signal at 450 nm. 

 

5.4.10 Statistical Analysis 

Each experiment is performed with n ≥ 2. Statistical analysis of the data is 

conducted in OriginPro 2020 using a one-way ANOVA. Pair comparisons are 

performed using Tukey’s method, where p-values below 0.05 are considered as 

significant differences (*p < 0.05; **p < 0.01; ***p < 0.001). 
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6 Cellular Architects at Work: Cells Building Their 

Own Microgel Houses 

Daniel Günther, Selin Bulut, Michelle Bund, Christina Haats, Thomas Bissing, 

Céline Bastard, Matthias Wessling, Laura De Laporte, Andrij Pich 

6.1 Introduction 

The development of functional human tissue models to offer disruptive solutions 

for drug discovery and regenerative medicine requires the recapitulation of the 

native tissue architecture and organization by combining tissue inherent cell types 

with adequate 3D scaffolds.92 Hydrogels, which are crosslinked networks of natural 

or synthetic polymers, have emerged as the most promising platform for 3D cell 

culture as they can be varied in their mechanics and provide biochemical cues to 

promote cell adhesion and growth.60 Thereby, polysaccharides, such as dextran, 

gain more and more interest as they combine the chemical functionality, structural 

complexity, biocompatibility, and degradability of natural polymers with the 

possibility for bottom-up functionalization of many synthetic polymers. The hydroxyl 

groups of the dextran backbone can be used for biofunctionalization in many 

different tissue engineering applications.225 Dextran methacrylate (dex-MA) has 

been demonstrated to be a suitable material to support angiogenesis, where 

endothelial cells from pre-engineered vasculature invade the surrounding matrix to 

form new vascular structures.193 Yet, as extensively discussed in the last chapters, 

one of the main challenges associated with hydrogels is their small pore size, which 

requires degradation to create sufficient space for encapsulated cells to grow, while 

providing cell attachment sites and maintaining the required mechanics to support 

the cells. Thus, this chapter focusses on the development of novel microporous 

annealed particle (MAP) scaffolds, which overcome the limitations of conventional, 

nanoporous hydrogels to improve cell growth and infiltration as introduced by the 

research group of Tatiana Segura.143 In most MAP scaffolds, the microgels are 

chemically interlinked, resulting in pre-determined frameworks that lack the 

dynamics of native tissues and limit cellular self-organization. In contrast, it is yet 

known for biological systems, such as cells, to actively organize their constituents 

away from thermodynamic equilibrium by dissipating energy. To recapitulate the 

development and dynamics of native tissues, organoids have taken center stage 
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as they represent simplified in vitro model systems of organs. They are often 

derived from stem cells and self-organize through cell-cell and cell-matrix 

interactions into structures that resemble the native tissue architecture and 

function.145 While organoids have been developed to represent various tissues, 

including the kidney226, liver227, intestine149, heart228, brain229, and respective 

diseases, they are not yet able to fully match the architecture, complexity, maturity, 

and function of native tissues and lack reproducibility.230 For example, mini-

intestines could be formed by combining perfusable scaffolds that resembled the 

topology of the gut surface with intestinal stem cells, which otherwise build cystic 

organoid structures.231 Alternatively, cellular self-organization can be combined 

with micron-sized particles to interlink the particles and form millimeter-sized 

scaffolds.232 While it is possible to construct scaffolds through various methods, it 

remains a challenge to control scaffold formation based on cellular self-

organization. To further understand how cells interlink soft microgels to build 

millimeter-sized tissue scaffolds and ultimately guide cellular self-organization via 

external cues, we build cell-induced interlinked scaffolds by combining normal 

human dermal fibroblasts (NHDFs) and bio-based dextran microgels. Here, the 

cells build their own microgel houses by using the microgels as bricks that they 

glue together through cell-cell and cell-material interactions (Figure 6.1). We 

further investigate influences, such as cell/microgel ratios and the microgel 

properties, to guide the scaffold formation process. The microgels consist of 

crosslinked dex-MA, which is known to be biocompatible and inert. The concept of 

establishing MAP scaffolds through a combination of self-organization and a novel 

bio-based material possesses several advantages over previous techniques by 

abolishing the confinement of cells by a pre-defined architectural framework. This 

method aims to build 3D cellular scaffolds with structural integrity while maintaining 

their plasticity and dynamic nature, which mimics the formation of macroscopic 

cellular structures in biological systems. The microgel properties can be varied 

without hindering cell growth, which is usually limited in conventional 3D hydrogels. 

Driven by the ability of the fibroblasts to attach to the microgels and migrate, no 

external energy is needed for the formation of the MAP scaffolds. Thereby, cells 

themselves create their optimal environment by determining the degree of porosity 

over cell-cell and cell-matrix interactions. 
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Figure 6.1: Schematic of cell-induced interlinked MAP scaffolds formation. NHDFs are mixed 
with dex-MA microgels, post-functionalized with GRGDSPC to promote cell attachment, and 
interlink them to form MAP scaffolds through cellular self-organization. 

 

6.2 Results and Discussion 

6.2.1 Cell-Induced Interlinking of Microgels 

Spherical, dex-MA microgels are synthesized via droplet-based microfluidics and 

an off-chip free radical crosslinking reaction, which is initiated by UV-light exposure 

(λ = 365 nm) using lithium phenyl-2,4,6-trimethylbenzoylphosphinate (LAP) as a 

photoinitiator according to recent literature.233 By adjusting the concentration of 

dex-MA in microfluidic droplets between 5-20 w/v%, the Young’s moduli of the 

microgels is tuned between 1.32 ± 0.20 kPa to 629.87 ± 114.32 kPa, covering a 

broad stiffness range.233 This makes them a versatile platform for engineering of 

various tissues with different mechanical properties. To promote cell growth, they 

need to be cell-adhesive and are thus post-functionalized in a solution of 1 mM 

GRGDSPC, which is confirmed by RGD immunostaining (Figure 6.2 A). However, 

a weak fluorescent signal is also observed in non-functionalized microgels, which 

can be attributed to antibody binding to free acrylate groups as well as the porous 

nature of the microgels, which allows for diffusion of the antibody into the microgel 

network. Yet, the formation of cell-induced interlinked MAP scaffolds is only 
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achieved by mixing of RGD-functionalized microgels with NHDFs as the 

replacement of RGD with L-cysteine prevents scaffold formation (Figure 6.2 B). 

 

Figure 6.2: Microgel post-functionalization for MAP scaffold formation. A) Confocal images of 
RGD-functionalized 20 w/v% dex-MA (dex-MA-RGD) microgels (I) and unmodified dex-MA 
microgels (II) stained with anti-RGD antibody (red). Scale bars: 100 µm. B) Comparison of MAP 
scaffold formation with RGD- (I) or L-cysteine- (II) functionalized microgels. Confocal images of 
NHDFs cultured with 20 w/v% dex-MA microgels that are post-functionalized in a 1 mM RGD or L-
cysteine solution. The samples are stained for F-actin (green) and DAPI (blue). Scale bars: I) 
500 µm, II) 1 mm. 

 

6.2.2 Cues to Guide Cell-Induced Interlinking of Microgels 

6.2.2.1 Influence of Cell Concentration on MAP Scaffold Formation 

Initially, different volumes of cells and microgels are mixed to find the right ratio of 

cells/microgels for the formation of cell-induced interlinked MAP scaffolds. Thus, 

10 or 20 µL of a microgel suspension with a concentration of 1.5 mg/mL are mixed 

with 5000, 10 000 or 20 000 NHDFs in a total volume of 60 µL and cultivated on 

ibidi well plates. After 7 days of culture, the formation of cell-induced interlinked 

MAP scaffolds is observed in all conditions (Figure 6.3). However, their size and 

the number of microgels in conditions with fixed microgel volumes varies 

significantly. The biggest scaffolds are observed in conditions with 10 µL microgel 
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suspension and 10 000 NHDFs, while the same number of cells with 20 µL 

microgel suspension formed the smallest scaffold. The microgels are sticky and 

sediment quickly after mixing, which is why during multiple pipetting steps many 

microgels are lost, resulting in inconsistent microgel numbers per well. Additionally, 

in conditions that contain less cells relative to the number of microgels, such as 

20 µL of microgel suspension with 5000 NHDFs, scaffolds are only partially 

formed, while the addition of 20 000 NHDFs with 20 µL microgel suspension 

results in compact scaffolds. This indicates that for efficient scaffold formation more 

cells are needed to interlink the microgels. 

 

Figure 6.3: Pipetting of microgels and cells in different ratios to form cell-induced interlinked 
MAP scaffolds. 10 or 20 µL of a microgel suspension with 1.5 mg/mL are mixed with 5000, 10 000 
or 20 000 NHDFs in a total volume of 60 µL. After 7 days of culture, brightfield images are recorded 
at 4x and 10x magnification. Scale bars: 200 µm. 
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To avoid multiple pipetting steps, batches with a defined concentration of 

1.5 mg/mL in a volume of 100 µL are collected in LoBind® tubes that are mixed 

with 100 µL of cell suspension containing 200 000-500 000 NHDFs that are 

transferred in a single pipetting step to a well of 96-well plate per sample. In order 

to prevent cells from attachment to the well surface, the wells are pre-coated with 

polydimethylsiloxane (PDMS). This way, a low-attachment environment is created 

that allows the cells to adhere only to other cells as well as cell-adhesive microgels, 

thereby increasing the scaffold formation efficiency. Cellular self-organization 

results in the formation of scaffolds within 24 h without the need for chemical 

interlinking steps (Figure 6.4 A). Hereby, cells from the outer edge start to migrate 

to the well center while binding to the microgels and interlinking them. Even though 

the overall shape of the scaffold forms in less than 24 h, cells continuously remodel 

parts of the scaffold, which demonstrates the highly dynamic properties of these 

cell-assembled constructs. During the scaffold formation process, the constructs 

fold inwards, which results in bowl-shaped scaffolds. Additionally, different 

cell/microgel ratios result in scaffolds with different geometries in a reproducible 

manner. Increasing the cell number of to 500 000 lead to a triangular structure, 

whereas lower cell numbers (200 000 and 350 000 NHDFs) results in elongated 

oval 3D structures (Figure 6.4 B). The triangular shape formation can be explained 

by the high number of cells, which start to pile up and build a scaffold upwards. As 

shown in higher magnification images, cells within the MAP scaffolds wrap around 

the microgels, which is characterized by a spread cell morphology. To form 

scaffolds, cells interlink the microgels by the formation of elongated protrusions 

that build bridges between different microgels. The possible driving force for MAP 

scaffold formation lies in the intrinsic motivation of the cells to form cell-matrix 

interactions as well as maximize cell-cell contacts for inter-cellular communication. 

Quantification of the total construct volume, total cell volume, defined by F-actin 

signal, and surface area of F-actin signal inside the formed scaffolds gives an 

insight into how large the formed scaffolds are in 3D, the fractional volume 

occupation by the cells, and the cell-cell interactions. A smaller ratio of surface area 

to volume of F-actin signal inside the formed scaffold suggests more cell-cell 

contacts due to the presence of less single cells without formed cell-cell contacts. 

The data reveal that the final construct volume is larger with increasing amount of 

initially added cells (Figure 6.4 C). The largest cellular scaffolds are formed with 
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the highest cell number of 500 000, resulting in a total construct volume (F-actin 

plus microgel volume) of 1.36 ± 0.52 mm3 and cell volume (F-actin volume) of 

0.95 ± 0.39 mm3 with a surface area of F-actin signal of 54 ± 10.8 mm2. Scaffolds 

formed with 350 000 NHDFs have a construct volume of 0.96 ± 0.09 mm3 and cell 

volume of 0.62 ± 0.1 mm3 with a surface area of F-actin signal of 43.1 ± 6.9 mm2. 

The smallest scaffolds are formed with 200 000 NHDFs, leading to a construct 

volume of 0.42 ± 0.04 mm3 and a cell volume of 0.28 ± 0.02 mm3 with a surface 

area of F-actin signal of 29 ± 4.7 mm2. While the cell volume and surface area of 

F-actin signal per construct increases with increasing cell numbers, the ratio of F-

actin surface area/volume slightly decreases, which indicates that the number of 

cell-cell contacts increases with increasing cell numbers. Additionally, the cell 

volume fraction ranges consistently between 60-70%. This is a result of cellular 

self-organization, suggesting that the cells grab the number of microgels they need 

to build their house. By increasing the number of cells, more microgels are 

integrated into the scaffolds, even though the amount of added microgels is the 

same in all tested conditions. This can be seen in Figure 6.4 A, where in case of 

scaffolds formed with 200 000 NHDFs peripheral microgels are loosely associated 

and thereby not integrated into the scaffold, while 500 000 NHDFs are able to 

integrate most microgels into the formed scaffold. This suggests that the added 

number of microgels offers sufficient support for the high number of cells to build 

the 3D construct, while the amount of microgels integrated into the scaffold is 

proportional to the number of added cells, resulting in scaffolds with a consistent 

cell volume fraction for the tested conditions.  

Scaffolds made with 350 000 NHDFs are characterized by an increased aspect 

ratio of 2.05 ± 0.06 compared to 1.72 ± 0.15 in the case of scaffolds formed from 

initially 200 000 NHDFs. Larger scaffolds, made with the highest cell number of 

500 000, display the smallest aspect ratio of 1.21 ± 0.06 due to their triangular 

shape. While cells in suspension culture commonly form multicellular, spherical 

aggregates, these results further suggest that the addition of microgels does not 

disturb the cellular aggregation process, but rather changes the construct geometry 

by integration of microgels.234  
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Figure 6.4: Formation of MAP scaffolds. A) Time-lapse images of MAP scaffold formation with a 
fixed microgel concentration of 1.5 mg/mL and cells numbers of 200 000 and 500 000 recorded at 
time points t = 0, 6, 24, and 72 h. Scale bars: 1 mm. B) Confocal images of MAP scaffolds formed 
with a fixed microgel (MG) concentration of 1.5 mg/mL and cell numbers of 200 000, 350 000 and 
500 000 after 7 days of culture. The samples are stained for F-actin (green) and DAPI (blue). Scale 
bars: 1 mm and 200 µm for higher magnification images. C) Quantification of F-actin volume, F-
actin surface area, F-actin surface area/volume, construct volume (F-actin plus microgel volume), 
cell volume fraction, and aspect ratio of the resulting MAP scaffolds depending on the cell number. 
Data is presented as mean ± SD with n = 3 for each scaffold type. P values are calculated using 
one-way ANOVA with post-hoc Tukey test, *p < 0.05, **p < 0.01, ***p < 0.001. 

 

6.2.2.2 Influence of Microgel Stiffness on MAP Scaffold Formation 

Since substrate stiffness is a significant factor in cell attachment and spreading 

and influences cell migration, proliferation, and differentiation235, the influence of 

the microgel stiffness on cell-mediated MAP scaffold formation is investigated. 

Microgels (1.5 mg/mL) with different dex-MA concentrations are cultivated with 

500 000 NHDFs for 7 days. Interestingly, the microgels with the lowest effective 

Young’ modulus (5 w/v% dex-MA; 1.32 ± 0.2 kPa) result in round scaffolds with an 

aspect ratio of 1.08 ± 0.004, while NHDFs cultured with stiffer microgels (10 w/v% 

dex-MA; 184.15 ± 55.57 kPa) form oval structures with an aspect ratio of 

1.56 ± 0.15 (Figure 6.5 A). For microgels with 20 w/v% dex-MA and a stiffness of 

629.87 ± 114.32 kPa, the characteristic triangular shape is observed with an 

aspect ratio of 1.21 ± 0.06. Despite the same initial cell number, the cell volume 

and surface area of the F-actin signal are significantly higher in conditions with 

20 w/v% dex-MA microgels compared to conditions with softer microgels (Figure 

6.5 B). In addition, the ratio of F-actin surface area/volume slightly decreases with 

increasing microgel stiffness, indicating that more cell-cell contacts are formed in 

constructs made with stiffer microgels. This can be explained by the fact that cell 

adhesion, spreading, and proliferation are usually enhanced on substrates with a 

higher Young’s modulus in the case of elastic hydrogels. The final scaffold shape 

is therefore likely associated with the fact that stiffer microgels lead to increased 

cell adhesion and proliferation, which improves both microgel integration into the 

scaffold as well as cell-cell interaction.236 Thus, it is assumed that by decreasing 

the microgel stiffness, the scaffold formation efficiency is reduced, resulting in 

smaller, spherical constructs as shown for scaffolds made with 5 w/v% dex-MA 

microgels.  
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Figure 6.5: Mechanical characterization of MAP scaffolds. Microscopy images of MAP scaffolds 
formed with a fixed microgel concentration of 1.5 mg/mL and 500 000 NHDFs (A) as well as 
200 000 NHDFs (B) on a glass slide in PBS. Scale bars: 1 mm. C) Rheological properties of MAP 
scaffolds with varying cell numbers and microgel stiffness. Microgel dispersions serve as control. 
Data is presented as mean ± SD with n = 3 per conditions. P values are calculated using one-way 
ANOVA with post-hoc Tukey test, *p < 0.05, **p < 0.01, ***p < 0.001.  

 

Additionally, the viability of the cells within MAP scaffolds with different microgel 

stiffnesses is evaluated by live/dead staining. In all conditions, the cells remain 

viable over the monitored period of 7 days (Figure 6.6 A). This demonstrates that 

the incorporated microgels provide an open network that allows for the diffusion of 

oxygen and nutrients, avoiding necrotic core formation within mm-scale scaffolds. 

To further monitor the metabolic cell activity in MAP scaffolds, a resazurin-based 
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alamarBlueTM assay is performed after 3, 5, and 7 days, which reveals that the 

resazurin reduction and thereby the metabolic activity decreases over time for all 

tested conditions (Figure 6.6 B). As the formation of stable scaffolds takes about 

3 days, measurements at earlier time points are not conducted to prevent scaffold 

destruction as a result of pipetting during the processing. The results suggest that 

the interstitial space between the microgels within the MAP scaffolds is completely 

filled with cells and extracellular matrix (ECM) after 3 days. Thus, the high cell 

density could lead to contact inhibition of proliferation, resulting in reduced 

metabolic activity, which is characteristic for noncancerous cells.237 The reduction 

of the metabolic activity is also less pronounced in scaffolds made form softer 

microgels (5 and 10 w/v% dex-MA). While softer microgels could allow for better 

oxygen and nutrient diffusion to support cell growth, the contact inhibition affecting 

cell proliferation is potentially less significant as cells seem to form fewer cell-cell 

contacts in these constructs. 

 

Figure 6.6: Viability and metabolic activity of cells in cell-induced interlinked MAP scaffolds. 
A) Live/Dead staining of MAP scaffolds formed with a fixed microgel concentration of 1.5 mg/mL 
with varying dex-MA concentrations of 5, 10 and 20 w/v% and 500 000 NHDFs after 7 days of 
culture. Live cells are shown in green, while red signal indicates dead cells and microgels. Scale 
bars: 200 µm. B) Metabolic cell activity in MAP scaffolds with a fixed microgel concentration of 
1.5 mg/mL and varying cell numbers of 200 000, 350 000 and 500 000 and 20 w/v% dex-MA as 
well as varying dex-MA concentration of 5, 10 and 20 w/v% and 500 000 NHDFs, monitored over 
a period of 7 days. Resazurin-based alamarBlueTM assay is performed on day 3, 5 and 7 of culture. 
Data is presented as mean ± SD with n = 3 per condition.  
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6.2.2.3 Mechanical Properties of MAP Scaffolds 

The cell-induced interlinking of microgels results in a mechanically stable MAP 

scaffold, which is able to withstand a significant amount of mechanical stress. 

Evaluation of the mechanical robustness of the fabricated scaffold under dynamic 

stress conditions demonstrated that the scaffold maintains structural integrity when 

subjected to repetitive mechanical forces, that is, the vertical shear stresses 

encountered during pipetting (not shown) and the transfer onto a glass surface for 

microscopy analysis (Figure 6.7 A, B).  

To further understand how the microgel stiffness as well as the cell number 

influence the mechanical properties of the resulting MAP scaffolds, the rheological 

properties of the MAP scaffolds are characterized by oscillation rheometer 

measurements (Figure 6.7 C). The highest storage modulus of 608 ± 39 Pa is 

measured for the MAP scaffolds formed with 500 000 NHDFs and 1.5 mg/mL 

microgels containing 20 w/v% dex-MA. This is likely associated with the higher 

number of initial cells. MAP scaffolds formed with 350 000 and 200 000 NHDFs 

display similar storage moduli of 153 ± 48 Pa and 155 ± 467 Pa, respectively. A 

control experiment representing the initial state before scaffold formation 

(1.5 mg/mL microgel dispersion, 20 w/v% dex-MA) demonstrates a storage 

modulus of 21 ± 3 Pa, indicating that the rheological characteristics shift to higher 

storage moduli as a result of cell-induced interlinking of microgels into MAP 

scaffolds and likely cellular production of ECM. Additionally, the influence of the 

microgel stiffness on the mechanical integrity of the MAP scaffolds is investigated. 

The storage moduli of MAP scaffolds gradually increase with higher dex-MA 

concentration in the microgels. MAP scaffolds formed with 5 w/v% dex-MA exhibit 

a storage modulus of 26 ± 4 Pa and are significantly softer than MAP scaffolds 

formed with 10 and 20 w/v% Dex-MA, which are characterized by storage moduli 

of 79 ± 49 Pa and 608 ± 39 Pa. This demonstrates that, besides the scaffold 

geometries, the mechanical scaffold properties can be varied by changing the 

cell/microgel ratio and/or microgel stiffness. 
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Figure 6.7: Influence of MAP scaffold composition on its mechanical properties. Microscopy 
images of MAP scaffolds formed with a fixed microgel concentration of 1.5 mg/mL and 500 000 
NHDFs (A) as well as 200 000 NHDFs (B) on a glass slide in PBS. Scale bars: 1 mm. C) Rheological 
properties of MAP scaffolds with varying cell numbers and microgel stiffness. Microgel dispersions 
serve as control. Data is presented as mean ± SD with n = 3 per conditions. P values are calculated 
using one-way ANOVA with post-hoc Tukey test, *p < 0.05, **p < 0.01, ***p < 0.001. 

 

6.2.2.4 Geometry-Guided MAP Scaffold Formation 

To design further advanced scaffold shapes, the influence of geometrical cues on 

scaffold formation is investigated. Here, a well of a 24-well plate is exemplary 

modified with a PDMS ring and cylinder (Figure 6.8). 500 000 NHDFs are cultured 

with 1.5 mg/mL microgels and a dex-MA concentration of 20 w/v% in the resulting 

interstitial space between the PDMS ring and cylinder, which matched the total 

surface area of the previous experiments. This way, ring-shaped MAP scaffolds 

are formed within 7 days of culture. As previously shown, cells induce the 

interlinking of the microgels and subsequently fold inwards during the process of 

scaffold formation. Due to the geometrical set-up of this experiment, the inward 

migration process is restricted by the inner PDMS cylinder and results in the 

formation of a ring-shaped MAP scaffold.  
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Figure 6.8: Geometry-guided scaffold formation. A PDMS ring (2-3) and cylinder (4) are placed 
into a well (1) of a 24-well plate. Brightfield and confocal images of 500 000 NHDFs that are co-
cultured with 1.5 mg/mL microgels with 20 w/v% dex-MA in the interstitial space between the PDMS 
ring and cylinder, are recorded after 7 days. The samples are stained for F-actin (green) and nuclei 
(blue). Scale bars: 1 mm.  

 

6.3 Conclusion 

In this study, cell-induced interlinked MAP scaffolds are developed using dextran-

based microgels of different dimensions and stiffnesses to investigate the dynamic 

formation of the resulting cellular constructs. Compared to previously reported 

MAP scaffolds, generated by the chemical interlinking of microgels and subsequent 

infiltration by cells, the scaffolds designed in this work overcome the limitations to 

achieve homogeneous cell infiltration into the scaffold and eliminate the need for 

engineering voids in-between the microgels. In addition to the mesoporous nature 

of dex-MA microgels, the macroporous structure of scaffolds in our approach is 

generated by cells themselves and does not require man-made constraint 

networks, which contradict the natural dynamics of cells. The shape and volume of 

the MAP scaffolds can be further varied from spherical to oval to triangular by 

adjusting the cell/microgel ratio and microgel stiffness. The resulting shape is 

shown to be highly dependent on the cell number relative to the number of 

microgels and the microgel stiffness since a higher number of cells is able to 

integrate more microgels into the scaffold. Thereby, stiffer microgels seem to 

increase both cell-material and cell-cell interactions. This is in agreement with the 

fact that the microgels need to present RGD on their surface to enable cell-microgel 

interactions, which generate the required forces needed for the cells to move the 

microgels and build their house. Stiffer microgels can also enhance cell 

proliferation, leading to more cell-cell contacts. Additionally, the desired shape of 

the resulting constructs can be pre-defined by the use of templates without 
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interference of the natural scaffold formation process. This demonstrates that the 

intrinsic cellular self-organization can be complemented by external guiding cues 

to control cell-driven scaffold formation and might ultimately provide a platform to 

build more advanced, organoid-like in vitro model systems by controlling stem cell 

self-organization in a reproducible manner. As the microgels enable the diffusion 

of nutrients and oxygen, millimeter-sized tissue constructs can be produced.  

 

6.4 Materials and Methods 

6.4.1 Microfluidic Synthesis of dex-MA Microgels 

Dex-MA microgels are synthesized by Selin Bulut, Michelle Bund and Christina 

Haats as described in our publication, which is adapted from previously reported 

methods.233, 238 Briefly, water in oil droplets are obtained with a self-made 

microfluidic device with a channel height of 80 µm. Different amounts of dex-MA 

(50, 100 and 200 g/L) are dissolved in water with 10 g/L LAP and used as the 

aqueous phase, which is filled into a glass syringe (Hamilton 1000 GASTIGHT). 

The syringes are mounted on syringe pumps (11 Elite Microfluidic Programmable 

Syringe Pump, Harvard Apparatus), which controls the flow rates. The flow rates 

for the aqueous phase and the continuous phase (FluoSurf) are 200 and 600 µL/h, 

respectively. The microgels are collected in Eppendorf tubes with a concentration 

set to 1.5 g/L. Microgels are purified by exchanging the supernatant of the microgel 

suspension with fluorinated oil (3×), followed by hexane (1×), water (3×) and PBS 

(5×).  

 

6.4.2 Functionalization of dex-MA Microgels 

The supernatant of the microgel suspension is discarded and the microgels are 

resuspended in a solution of 96.2 µL DMEM and 3.8 µL of an aqueous GRGDSPC 

solution (CPC Scientific, 25 mg/mL). The suspension is stored overnight at 4 °C to 

allow for thiol-Michael addition between the cysteine groups of GRGDPSC and the 

remaining acrylate groups of the microgels. An analogous procedure is performed 

for microgel functionalization with L-cysteine as a control experiment.  
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6.4.3 Cell Culture 

Normal human dermal fibroblasts (NHDFs, Promocell) are cultured in tissue culture 

flasks with Dulbecco’s modified Eagle medium (DMEM, Gibco) supplemented with 

10% fetal calf serum (FCS, Biowest) and 1% ABM up to passage 8. Cell-induced 

interlinked MAP scaffolds are formed by mixing 100 µL of dex-MA microgels 

(1.5 mg/mL) and 100 µL cell suspension with concentrations ranging from 

200 000-500 000 NHDFs/0.1 mL in 96-well plates. To prevent cell attachment to 

the well surface, the wells are coated with PDMS and cured by heating at 60 °C for 

4 h prior to scaffolds formation. The medium is exchanged every 2-3 days. 

 

6.4.4 Metabolic Cell Activity Assay 

To assess the metabolic cell activity in MAP scaffolds, a resazurin-based 

alamarBlueTM (Invitrogen) assay is performed after 3, 5 and 7 days of culture. The 

MAP scaffolds are incubated for 2 h at 37 °C and 5% CO2 with the reagent that is 

1:10 diluted in DMEM supplemented with 10% FCS and 1% ABM. The 

fluorescence intensity is measured using a BioTek Synergy HT plate reader with 

an excitation wavelength of 530 nm and an emission wavelength of 590 nm. 

 

6.4.5 Live/Dead Staining of MAP Scaffolds 

To assess the viability of cells in MAP scaffolds, live/dead staining is performed 

after 7 days of culture using a LIVE/DEAD Cell Imaging Kit (Invitrogen). MAP 

scaffolds are incubated with live (488/515 nm)/dead (570/602 nm) reagent, diluted 

in DMEM supplemented with 10% FCS and 1% ABM to create a 1x working 

solution, for 15 min at RT. 
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6.4.6 Immunofluorescence Staining 

After 7 days of culture, the culture medium is removed from the samples, followed 

by washing with PBS for 10 min and fixation with 4% paraformaldehyde solution 

(PFA, AppliChem) for 30 min at RT. After washing twice with PBS, the samples are 

incubated with 0.1% Triton X-100 (Sigma-Aldrich) solution in PBS for 10 min for 

cell membrane permeabilization, followed by washing with PBS for 10 min. 

Afterwards, the cells are blocked by incubation with 4% bovine serum albumin 

(BSA, SEQENS) in PBS for 2 h. For F-actin staining, the samples are incubated 

with Phalloidin-iFluor 488 (abcam, 1:1000) in PBS for 1 h at RT and subsequently 

washed twice with PBS to remove the remaining staining reagent. Additionally, the 

samples are incubated with DAPI (1:200) in PBS for 20 min at RT to stain the nuclei 

and the microgels. After washing twice with PBS, the samples are stored in PBS 

at 4 °C prior to confocal imaging. 

 

6.4.7 Confocal Imaging and Image Analysis 

The scaffold are imaged using a PerkinElmer Opera Phenix Plus with a 10×/NA 

0.3 air objective or a 20×/NA 1.0 water immersion objective. Z-stacks with a z-gap 

of 7.4 µm (10× objective) or 0.8 µm (20× objective) are recorded of each sample. 

For quantification, the obtained z-stacks are converted to imaris file format using 

the Imaris File Converter 9.91 and subsequently stitched together with the Imaris 

Stitcher. The resulting images are analyzed with the Imaris 10.0 software (Oxford 

instruments) by creating 3D volume renderings of the F-actin stained structures as 

well as DAPI stained microgels, using the surface rendering module with 

individually selected thresholds (Figure 6.9). To exclude DAPI stained nuclei, 

structures with a voxel number of < 1000 are not counted. To investigate the 

influence of cell/microgel ratios and the microgel stiffness on the resulting scaffold, 

the scaffold area, volume and bounding box OO length are determined and 

compared. The cell volume fraction is quantified as the F-actin (cell) volume 

fraction of the total construct volume, which is the sum of microgel and cell volume. 
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Figure 6.9: 3D volume rendered structure of the F-actin signal in Imaris based on z-stack 

confocal microscopy images. Scale bar: 1 mm. 

 

6.4.8 Rheological Characterization of MAP Scaffolds 

For rheological measurements, a Discovery HR-3 hybrid rheometer with a flat 

20 mm Peltier plate is used. The cell-induced interlinked MAP scaffolds are placed 

on the rheometer plate and 74 µL Milli-Q water are added. Time-dependent 

measurements are performed for 5 min at a frequency of 0.5 Hz, an oscillation 

strain of 2%, and a gap size of 100 µm with triplicates per condition. 

 

6.4.9 Statistical Analysis 

Each experiment is performed with n ≥ 3. Statistical analysis of the data is 

conducted in OriginPro 2022 using a one-way ANOVA. Pair comparisons are 

performed using Tukey’s method, where p-values below 0.05 are considered as 

significant differences (*p < 0.05; **p < 0.01; ***p < 0.001). 
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